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Abstract 
Bioethanol is an attractive clean and renewable energy source. Lignocellulosic 
biomass, such as agricultural wastes and forestry residues offers great potential to replace 
food-based materials such as sugars and starch-rich biomass for bio-ethanol production. 
There has been an increasing trend to produce ethanol from lignocellulosic biomass such 
as sugarcane bagasse, because of its availability in centralized locations reducing 
transportation costs. During cellulosic ethanol production process, lignin, one of the main 
components in lignocellulosic biomass is not used in either the enzymatic or the 
fermentation processes, and ends up as stillage posing a serious waste disposal issue. As 
lignin itself has the potential to produce value added chemicals, like phenols and low 
molecular weight aromatics, significant attention is being given to lignin research 
including  lignin recovery, characterization and utilization. Lignin properties are affected 
not only by the plant types but also by the processing conditions, all of which impact on 
its application. However, there have been limited studies on the properties of stillage, 
especially on the structural changes of the lignin component during ethanol production 
and studies to convert the lignin-rich cellulosic ethanol stillage to chemicals. 
In the present study sugarcane bagasse was pretreated by dilute acid and 
subsequently used to produce cellulosic ethanol. Three lignins were extracted following 
each stage of cellulosic ethanol production process i.e., pretreatment, enzymatic 
hydrolysis and fermentation/distillation and characterized by a number of analytical 
techniques. Lignin extraction using 1% (w/w) NaOH solution after dilute acid 
pretreatment not only produced the lignin with the highest purity and thermal stability, 
but also resulted in improved glucose yield from 71% to 77% of the cellulosic fraction. 
Lignins extracted from the solid residue after enzymatic hydrolysis and from ethanol 
stillage after fermentation/distillation have higher molecular weights and polydispersity 
index, probably because of the removal of the lower molecular weight fraction from the 
pretreated biomass during enzymatic hydrolysis. The Fourier Transform Infra-red (FTIR) 
results showed that after the enzymatic hydrolysis and fermentation process, the contents 
of aliphatic hydroxyl, methoxyl, and ketone/carbonyl groups in lignin were reduced 
probably as a consequence of dehydration. While two- dimensional heteronuclear single 
quantum coherence nuclear magnetic resonance (2D HSQC NMR) and pyrolysis coupled 
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to gas chromatography and mass spectrometry (Py-GC/MS) did not reveal differences in 
the proportion of syringyl and p-hydroxyphenyl units among the lignins, there is a 
predominance of the phenylcoumaran substructures and guaiacyl units in the lignin from 
pretreated bagasse, and the absence of some substructures/linkages in the lignins obtained 
in subsequent stages. The reduction of aliphatic, guaiacyl, and carboxylic OH groups of 
lignin occurred in enzymatic hydrolysis and fermentation process, probably due to the 
formation of catechol and condensed phenols between guaiacyl and syringyl units.  
The purpose of pretreatment is to increase the accessibility of cellulose to enzymes, 
by breaking the lignocellulosic complex, removing the acetyl linkages, and to decrease 
crystallinity and the degree of polymerization of cellulose. Although dilute acid is the 
most commonly used pretreatment method, recently a new organosolv process has been 
developed for the selective dissolution of lignin and hemicelluloses from lignocellulosic 
materials, using a ternary mixture of ketone (e.g., methyl isobutyl ketone (MIBK), 
alcohol (e.g., methanol, ethanol) and water in the presence of an acid promoter. The 
MIBK/methanol/water system in the presence of H2SO4 has been used to isolate lignin 
from eucalyptus. The lignin had poor solubility in common solvents (e.g., ethanol). 
Unlike other eucalyptus lignin isolated by other solvent systems, the only lignin inter-unit 
linkages observed in the lignin isolated by the MIBK system are β–β resinol structures, 
while basically no β–O–4' alkyl-aryl ethers nor β–5' phenylcoumaran structures could be 
detected. This implies that the type of solvent has a significant effect on the lignin sub-
structures than previously anticipated. 
As cellulosic ethanol stillage contains a high proportion of lignin, its conversion to 
useful phenolic chemicals was examined. In the present study, hydrothermal liquefaction 
(HTL) of bagasse and eucalyptus stillage was conducted under various experimental 
conditions to ascertain their effect on oil yield and phenolic monomer distribution. The 
conditions examined included pH, alkali type, solvent and solid to liquid ratio. 
The compositions of bagasse and eucalyptus stillage were similar, mainly consisting 
of lignin and cellulose in the solid component of the stillage, and lactic acid, acetic acid, 
glycerol and ethanol in the aqueous phase. However, FTIR and Py-GC/MS results show 
that bagasse stillage contains much higher proportions of p-hydroxyphenyl units (37%) 
compared to 1% p-hydroxyphenyl units for eucalyptus stillage.  
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The main products of both bagasse and eucalyptus stillage are phenols, guaiacol, 
syringol and catechol. Bagasse stillage liquefaction produced a higher proportion of 
phenols compared to eucalyptus stillage liquefaction implying that the composition of the 
oil product mainly depends on the type of lignin subunits. The 1H NMR spectra of oil 
products confirms the higher proportion of phenol-based products obtained. As such the 
oil derived from the HTL of bagasse stillage has the desired properties for the production 
of phenolic resins. 
In general, HTL of stillage was more effective at higher pH leading to higher oil 
yield and lower yield of solid residues. However, increasing the initial reaction pH is to 
11 resulted in the hydrolysis of phenol and methoxy phenol to catechols. Of the four 
alkali types (potassium carbonate, sodium carbonate, sodium hydroxide, potassium 
phosphate investigated potassium carbonate was found to be most effective given the 
highest total oil yield of 37% and a phenolic monomer content of 18%. Increasing 
alkaline concentration from 2.5 wt% to 10 wt % reduces the oil yield and significantly 
increases the amount of solid residue. As observed with increasing the pH, increasing the 
alkali concentration enhanced the formation of catechol by hydrolysing the methoxy 
phenols. 
Alcohol-water solvent system was shown to significantly increase the total oil yield 
(up to 55%) for the HTL of bagasse stillage compared to the water as solvent alone with 
the formation phenolic monomers, such as benzyl alcohol. The solid/liquid ratio had no 
markedly effect on total oil yield, but higher solid residue yield was observed with 
increasing solid/liquid ratio may be due to the restricting the hydrolysis of biomass or the 
condensation reactions of bio-oil intermediates. While significant higher phenolic 
monomer yield (24%) was achieved in bagasse stillage liquefaction reaction with lowest 
solid/liquid ratio (1/20), indicating that forming a well-mixed suspension in the reactor, 
and result in favourable mass and heat transfer conditions. 
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Chapter 1: Introduction 
1.1 BACKGROUND 
Due to increasing concerns on depletion of fossil resources and associated 
environmental issues (e.g., global warming and air pollution) caused by the 
consumption of fossil fuel, worldwide interest has shifted towards renewable energy 
and chemical production from biomass. Lignocellulosic biomass is the most 
abundant renewable bio-resource on earth. The amount of biomass from the growth 
of plants is estimated to be in excess of 117 billion t/y (O'Hara et al., 2012). As such, 
the utilisation of biomass resources for the production of biofuels, industrial 
chemicals and polymeric materials is an important area of research to reduce reliance 
on fossil resources (Wettstein et al., 2012). Producing biofuels and biochemicals 
from starch- or sugar-based materials such as corn or sugarcane juice/molasses raises 
concerns with food security, and high prices of these crop feedstocks also limit their 
viability as fuel and chemical feedstock (O'hara et al., 2013). To reduce reliance on 
food feedstock, there have been numerous attempts in recent years to cost-effectively 
produce ethanol from lignocellulosic materials such as agricultural and forestry 
residues.  
Lignocellulosic biomass consists of three major components, viz., cellulose, 
hemicellulose and lignin and it has the potential as a low cost substrate for the 
production of biofuels such as ethanol (Zakzeski et al., 2010; Zhao et al., 2012a). 
Typical cellulosic ethanol production process involves biomass pretreatment (e.g. 
dilute acid or organic solvent), enzymatic hydrolysis of the cellulose component to 
glucose, yeast fermentation of the glucose to produce ethanol, and the recovery of 
ethanol by distillation. As such, only the cellulose and a lesser extent the 
hemicelluloses are used to produce ethanol, with the lignin ending up as waste. The 
presence of lignin in the biomass reduces the effectiveness of the enzymatic 
hydrolysis process because it forms physical barriers which limit the access of 
cellulases to cellulose (Lora & Glasser, 2002; Rahikainen et al., 2013; Selig et al., 
2007; Shuai et al., 2016) and non-productively bind to the cellulase enzymes used in 
the saccharification process (Alvira et al., 2010; Mosier et al., 2005; Selig et al., 
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2007). As lignin is neither used in the enzymatic nor the fermentation processes, it 
ends up as stillage posing a serious waste disposal issue. In order to make cellulosic 
ethanol production cost-effective and environmentally sustainable, it is essential to 
consider the structural changes that occur in lignin during biomass processing prior 
to depolymerization, which influence product type and yield, and the utilization of 
lignin rich ethanol stillage (Wilkie et al., 2000).  
Lignin is a three dimensional amorphous polymer consisting of methoxylated 
phenylpropane structures. It is thought that formation of lignin involves the 
polymerization of three primary monomers: p-coumaryl alcohol, coniferyl and 
sinapyl alcohol, which exist in lignin as three basic structure units: p-hydroxyphenyl 
(H), guaiacyl (G) and syringyl (S) units respectively (Carraher Jr, 2011). Lignin 
composition and structure varies due to the nature of plant materials and lignin 
preparation methods. Lignin itself is a potential raw material for the production of 
lignin-based polyesters and polyurethanes, carbon-fibers, plastics, adhesives and 
organic chemicals (Chatel & Rogers, 2014; Rahimi et al., 2014; Sergeev & Hartwig, 
2011; Sun et al., 2004). Lignin chemical and structural properties affect its 
applications (Mansouri & Salvadó, 2006; Tejado et al., 2007). Lignin monolignols 
are connected by a variety of C−O and C−C linkages, with β-O-4' being the main 
type. The severity of the acid treatment, reaction time and or heat treatment affect the 
structure of the lignin as the proportion of β-O-4' linkages reduces while the 
proportion of condensed C−C bonds formed increases. So, it is essential that 
information on the structural changes of sugar cane bagasse lignin derived via dilute 
acid hydrolysis in relation to changes that occur during subsequent saccharification 
and fermentation processes will dictate at what stage during the ethanol 
manufacturing process would be beneficial to recover the lignin for value-added 
applications. 
Cellulosic ethanol stillage mainly consists of unused carbohydrates (cellulose 
and hemicellulose), lignin and ash. For ethanol production from sugarcane juice, up 
to 20 litres of stillage is generated for each litre of produced ethanol (Haandel & 
Catunda, 1994). For cellulosic ethanol production processes, much higher amounts of 
stillage will be generated due to the higher solid contents (unused carbohydrates, 
lignin and ash) and lower ethanol concentration of the broth. The stillage contains 
over 100 g/L chemical oxygen demand (COD) with potential for considerable 
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environmental pollution (Wilkie et al., 2000; Yeoh, 1997). Combustion of ethanol 
stillage does not produce a chemical product but does produce recoverable heat and 
energy. However, the stillage first needs to be dried to remove water in an energy 
intensive step. Furthermore the combustion process may cause environmental 
pollution. Despite the increasing interest in cellulosic ethanol, few studies have 
focused on the utilisation of the stillage. The conversion of ethanol stillage to higher 
value chemicals will not only increase the profitability of the ethanol production 
process, but also reduce the levels of organic contaminants. Therefore, effective and 
economically viable methods to convert cellulosic ethanol stillage to chemicals and 
other products should be investigated.  
1.2 CONTEXT OF THE RESEACH 
Considerable work has been done on the detailed structural characterization of lignin 
in terms of composition, size, cross-linking and functional groups. Most of the 
studies focus on the structure difference of lignins obtained from different biomass 
types by various extraction and recovery methods. However, the effect of the various 
stages of the ethanol manufacturing process on lignin structure has received little 
attention, especially, the impacts of the enzymatic hydrolysis and fermentation 
processes. In one study (Ronnols et al., 2015), it was observed that temperature and 
the length of time affect the proportion of β-O-4' linkages and the proportion of 
cyclic ethers formed from kraft-derived lignins. In another study (Katahira et al., 
2016), it was found that the biomass pretreatment method prior to base-catalysed 
depolymerization of the lignin-rich solid (obtained after enzymatic hydrolysis) 
significantly impacted the yield of the water-soluble fractions, with dilute acid 
pretreatment of the biomass giving the lowest yield. The impact of the enzymatic 
hydrolysis process on the characteristics of the lignin was not conducted in the study. 
Catalytic thermochemical conversion processes are the only viable methods to 
produce fuels and chemicals from stillage due to the recalcitrant nature of the lignin 
component. The compositions of ethanol stillage generated from yeast fermentation 
of starchy biomasses and soluble sugars are significantly different from cellulosic 
ethanol stillage. Starch ethanol stillage has a protein content of 30-50% (Davis et al., 
2005; Mansur et al., 2013) while cellulosic ethanol stillage contains only trace 
amount of protein but higher proportions of lignin (20-40%) and structural 
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carbohydrates (20-35%) and ash (10-15%). In previous studies, solid catalysts such 
as zirconia and iron oxide (Mansur et al., 2013), nickel and ruthenium (Nguyen et al., 
2014) were used to convert ethanol stillage derived from starch to value-added 
chemicals, for example aliphatic ketones. In the case of cellulosic stillage, both 
zirconia and iron oxide catalysts (Funai et al., 2010) and the homogeneous catalyst 
aluminium chloride (Lu et al., 2014) were used to produce chemicals such as acetone 
and esters. Unfortunately, the conversion yields were low as only small proportion of 
the carbohydrates and organic acid in the stillage were used. Furthermore, lignin, one 
of the most abundant components in stillage, was not utilized. Therefore, it is 
necessary to develop more efficient stillage conversion processes through the 
selection of suitable catalysts and the optimisation of reaction conditions for the 
production of chemicals as a means of value adding to cellulosic ethanol processes 
and valorising the underutilized lignin content. 
1.3 PURPOSES 
The first aim of this project was to investigate the structural changes of lignin 
during cellulosic ethanol production process. The main objectives were:  
• Extraction and recovery of lignins from dilute acid pretreated bagasse, from 
solid residues after enzymatic hydrolysis, and from ethanol stillage after 
fermentation and distillation, and compare the glucan content in solid 
residues before and after enzymatic hydrolysis. 
• Characterize and compare the lignins obtained at the various stages of the 
ethanol production process in order to determine differences in lignin 
subunits and functional groups. 
• To complement the characterization of the lignin derived from dilute acid 
pretreatment, the lignin isolated from organosolv pretreatment of eucalyptus 
using methyl isobutyl ketone (MIBK)/methanol/water system was also 
characterized. 
The second aim of this project was to use a base catalysed hydrothermal 
liquefaction (HTL) process for the valorization of cellulosic ethanol stillage, and 
investigate the effect of lignin composition on the valorization reaction. The main 
objectives were: 
• Characterize and compare the bagasse and eucalyptus stillage. 
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• Investigate the influence of liquefaction conditions, such as stillage type, 
catalyst type and concentration, solvent, pH and solid to liquid ratio on 
conversion of cellulosic ethanol stillage to chemicals. 
• Analyse and compare the oil products obtained from different liquefaction 
conditions and from the two stillage type. 
 
1.4 RESEARCH CONTRIBUTION 
The study on the structural changes of lignin during cellulosic ethanol 
production process and hydrothermal liquefaction of bagasse stillage and eucalyptus 
stillage to value-added chemicals has added to the body of knowledge on biomass 
utilisation by providing the following contributions: 
• The three stages of the production of cellulosic ethanol affected lignin 
structure, purity and thermal stability. 
• The extraction of lignin from the acid pretreated biomass prior to enzymatic 
hydrolysis enhanced sugar yield. 
• The enzymatic hydrolysis and fermentation stages weaken some of the 
lignin linkages. 
• The solvent used in lignin isolation greatly influences the type of lignin 
substructures and the type of linkages. The MIBK/methanol/water solvent 
system destroyed most of the lignin subunit features. 
• The solubility of lignin isolated with MIBK/methanol/water system from 
eucalyptus in common solvents is poor compared to other lignins isolated 
by other fractionation processes. The solubility of the lignin is improved 
using an alkali-acid precipitation process. 
• Potassium carbonate in comparison to other alkali type is an effective 
homogeneous catalyst for lignin valorization by HTL. 
• The products obtained from the HTL of cellulosic ethanol stillage are 
dependent on the type of lignin substructures. 
• The initial feedstock pH of cellulosic ethanol influences the proportion of 
the phenolic monomers yield and selectivity. 
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1.5 THESIS OUTLINE 
The outline of this thesis and the relationship between project objectives and 
thesis chapters are shown in Figure 1.1. The first Chapter briefly describes the 
background, context and purposes of the research. Chapter 2 presents a brief review 
of the structure of the lignocellulosic biomass, typical processes of bio-ethanol 
production from lignocellulosic materials, and the lignin structural changes during 
biomass processing prior to depolymerisation. A detailed literature review on 
hydrothermal liquefaction of lignocellulosics and stillages is also provided in 
Chapter 2.  
Chapter 3 details the effect of cellulosic ethanol production processes on the 
structural changes of lignins isolated following dilute acid pretreatment, enzymatic 
hydrolysis and fermentation/distillation. A number of analytical techniques, 
including elemental analysis, gel permeation chromatography (GPC), 
thermogravimetric analysis (TGA), Fourier transforms infrared (FT-IR) 
spectroscopy, nuclear magnetic resonances (NMRs) and pyrolysis coupled to gas 
chromatography-mass spectrometry (Py-GC/MS) were used to determine lignin 
physical and chemical properties. It also covers studies on the characterization of 
eucalyptus lignin isolate from the pretreatment of the biomass using 
MIBK/methanol/water system. 
In Chapter 4, HTL of cellulosic ethanol stillage derived from sugarcane 
bagasse and eucalyptus wood residues is reported. The influence of the pH of 
reaction mixture, solvent choice and ratio to stillage, and the type of the base catalyst 
are discussed. The product mixtures were analysed using different techniques. 
Finally, Chapter 5 summarizes the findings of this research. Limitations of this 
study and recommendations for future research are also provided. 
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Figure 1.1. Flow diagram of the relationship between project objectives 
and the chapters. 
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2.1 LIGNOCELLULOSIC BIOMASS 
Lignocellulose is the most abundant renewable resource on Earth (Adsul et al., 
2011; Chatel & Rogers, 2014), and it is the primary building block of plant cell walls 
and hence plant biomass. Lignocellulosic materials are complex mixtures of cellulose, 
hemicellulose, and lignin (Figure 2.1) with minor amounts of ash, proteins, lipids, 
and other lipophilic compounds. The composition of lignocellulosic materials is not 
uniform and varies between plant species (Chatel & Rogers, 2014; Razeghifard, 
2013). Agricultural residues like sugarcane bagasse and forestry residues like 
eucalyptus wood are typically comprised of 35-55% cellulose, 25-35% hemicellulose 
and 15-30% lignin, with minor amounts of proteins and lipids and ash (Chundawat et 
al., 2011). 
 
Figure 2.1. Schematic representation of the structure of lignin in 
lignocellulosic material (Ritter, 2008; Zakzeski et al., 2010) 
2.1.1 Cellulose 
The total annual yield of cellulose is estimated to be 40 billion tonnes and only 
100 million tonnes are utilized (Hermanutz et al., 2008). At the molecular level, 
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cellulose is described as a linear homopolymer of D-glucopyranose units linked at 
the 1 and 4 carbon atoms by β-glucosidic bonds, with hydroxyl groups at C-2, C-3 
and C-6 (Figure 2.2) (Carraher Jr, 2011; Klemm, 1998; Sanghi & Singh, 2012).  
 
Figure 2.2. The repeating molecular structure of cellulose (Carraher Jr, 
2011). 
The structure of cellulose, along with the intermolecular hydrogen bonds, gives 
cellulose high tensile strength, makes it insoluble in most solvents, and is partly 
responsible for the resistance of cellulose to microbial degradation (Jorgensen et al., 
2007). 
2.1.2 Hemicellulose 
Hemicellulose serves as a connection between the lignin and the cellulose 
fibers and gives the cellulose-hemicellulose-lignin network rigidity (Laureano-Perez 
et al., 2005). As the second major constituent of lignocellulose material, 
hemicellulose is heterogeneous, consisting of C5 sugars (xylose, arabinose), C6 
sugars (mannose, glucose and galactose), and uronic acids (Hansen & Plackett, 2008; 
John & Thomas, 2008; Saha, 2003) and the relative abundances of these sugars 
largely depend on the types of plants. Structural representations of hemicellulose and 
xylose are provided in Figure 2.3. 
 
Figure 2.3. The structure of hemicellulose and xylose (Chen et al., 2014). 
Hemicellulose, unlike cellulose, has a random and amorphous structure.  This 
means that it provides little structural support to the cell wall, is less resistant to 
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hydrolysis (McMillan, 1994) and undergoes thermal decomposition at lower 
temperatures of 220-315 °C (Northcote, 1972; Yang et al., 2006). 
2.1.3 Lignin 
In plant cell walls, lignin fills the space between cellulose and hemicellulose 
matrix. Cross-linking with the carbohydrate polymers then confers strength and 
rigidity to the system (Zakzeski et al., 2010). Lignin is a three dimensional 
amorphous polymer consisting of methoxylated phenylpropane structures, it is 
thought to involve the polymerization of three primary monomers: p-coumaryl 
alcohol, coniferyl and sinapyl alcohol (Carraher Jr, 2011; Karkas et al., 2016), 
depicted in Figure 2.4. Several C-O and C-C interunit linkages between these 
primary monomers are also shown in the Figure 2.4, including β-O-4, β-β, 4-O-5, 5-
5'. The β-O-4 ether bond is the most dominant linkage between the monomers in 
both softwood and hardwood, representing approximately 50% of all intersubunit 
bonds (Chatel & Rogers, 2014; Zakzeski et al., 2010). 
 
Figure 2.4. The three monomers of lignin and the main linkages present in 
lignin; (1) p-coumaryl alcohol (H), (2) coniferyl alcohol (G) 
and (3) sinapyl alcohol (S) (Karkas et al., 2016). 
2.2 CELLULOSIC ETHANOL PRODUCTION  
Second-generation bioethanol refers to the ethanol produced from 
lignocellulosic materials. Because of the relative low yield and productivity of 
ethanol production using C5 sugars like xylose, currently second-generation ethanol 
is mainly produced from C6 (cellulosic ethanol). Extensive research has been 
conducted on conversion of lignocellulosic materials to ethanol in the last few 
decades. A typical cellulosic ethanol production process consists of four steps as 
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depicted in Figure 2.5, pretreatment of lignocellulosic materials, enzymatic 
hydrolysis of cellulose, fermentation of glucose (and to a lesser extent xylose) to 
ethanol and ethanol recovery by distillation.  
 
Figure 2.5. Flowchart depicting the conversion of lignocellulosic biomass 
to ethanol. 
2.2.1 Pretreatment  
The purpose of pretreatment is to increase the accessibility of cellulose to 
enzymes, by breaking the lignocellulosic complex, removing the acetyl linkages, and 
to decrease crystallinity and polymerization of cellulose (Zhao et al., 2012b). 
Various types of methods have been developed for pretreatment: physical (ball 
milling, steam explosion, etc.), physico-chemical (liquid hot-water, ammonia fiber 
expansion, etc.), chemical (dilute acid, alkaline, sulphite, organosolv, etc.), and/or 
biological (white rot fungi to degrade lignin, etc.) processes. 
Dilute acid pretreatment process is the most commonly used chemical 
pretreatment method (Wyman et al., 2005), which is generally conducted under 
temperatures of 120 °C – 220 °C, short reaction times (a period of minutes to hours), 
and low acid concentrations (0.2% - 4%) (Banerjee et al., 2010; Sun & Cheng, 2002). 
During the process, lignocellulosics is deconstructed primarily through hydrolysing 
hemicellulose chains, as well as degrading some of the lignin and amorphous 
cellulose. This method usually results in only 50% to 70% of available lignin being 
recovered and produces a lignin stream that is high in carbohydrates and sugars. 
Some studies have combined dilute acid hydrolysis of lignocellulosic biomass with a 
second alkali extraction step resulting in improved glucose yields (Kim et al., 2012; 
Rezende et al., 2011).  
Recently, a new organosolv technology has been applied for the selective 
dissolution of lignin and hemicelluloses from lignocellulosic materials, using a 
ternary mixture of ketone (e.g., MIBK, alcohol (e.g., methanol, ethanol) and water in 
the presence of an acid promoter (e.g., H2SO4, heterogeneous acid catalyst) (Bozell 
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et al., 2011; Klamrassamee et al., 2013). This fractionation process is very attractive 
because lignin and hemicellulose sugars can be phase-separated. 
2.2.2 Enzymatic hydrolysis  
Pretreated biomass is hydrolysed by cellulase enzymes to produce fermentable 
sugars (Demain et al., 2005). Cellulases are  a mixture of different enzymes and 
consist of three functional classes: (1) endoglucanases, (2) exoglucanases or 
cellobiohydrolases, and (3) β-glucosidases (Coughlan & Ljungdahl, 1988). These 
enzymes act on the different sites of cellulose and synergistically convert cellulose to 
glucose. Cellulase enzymes are often used together with xylanases, which hydrolyse 
hemicellulose and improve the cellulose accessibility to cellulases (O'hara et al., 
2013).  
2.2.3 Fermentation and distillation 
Following enzymatic hydrolysis, fermentable sugars (i.e., xylose and glucose) 
are converted to ethanol by yeast. However, commercial production of ethanol from 
C5 sugars like xylose is still limited because of the low ethanol productivity. 
Therefore, many studies have been focused on the conversion of cellulose to ethanol. 
Recovery of ethanol by distillation will generate a large amount of stillage due to the 
low ethanol concentration in the broth with the organic content consisting of unused 
carbohydrates and lignins.  
2.3 EFFECT OF BIOMASS PROCESSING METHODS ON 
LIGNIN STRUCTURE 
The cellulose and hemicellulose contents of lignocellulosic biomass are 
consumed to produce ethanol, while lignin, the other abundant polymer in the 
biomass, is underutilized and makes up the primary organic component in stillage. 
Lignin has great potential to produce aromatic compounds through depolymerisation 
(Tan et al., 2009). The cellulosic ethanol production process can impact on the 
accessibility, structure and composition of the lignin macromolecule and hinder its 
recovery for valorisation. The impact of biomass processing on lignin structural 
changes is detailed in the following section. 
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2.3.1 Impact of biomass pretreatment process  
Dilute acid pretreatment removes the majority of the hemicellulose component 
and a small portion of lignin (i.e., acid soluble lignin) from the biomass (Jiang et al., 
2013; Jiang et al., 2015). The severity of the acid treatment, reaction time and or heat 
treatment affect the structure of the lignin as the proportion of β-O-4′ linkages 
reduces while the proportion of condensed C-C bonds formed increases.  
In one study (Samuel et al., 2010), lignins were isolated from switchgrass 
before and after dilute H2SO4 acid pretreatment, and their structure were determined 
by NMR spectroscopy. The results indicated that the Klason lignin content increased 
after dilute acid pretreatment probably due to the removal of the hemicellulose. The 
lignin structure changed significantly during pretreatment with 36% decrease of β-O-
4′ linkages, and a slightly decrease of β–β and β-5 linkages were also observed 
(Figure 2.6). In addition, there was an increase in guaiacyl phenolic OH group as 
well as an increase in condensed phenolic OH group were observed in 31P NMR 
spectral data. 
 
Figure 2.6. Depolymerization of lignin β-O-4′ linkages and 
repolymerization with a reactive aromatic carbon (Samuel et 
al., 2010). 
In another study (Sannigrahi et al., 2008), woody biomass (Loblolly pine) was 
pretreated with dilute sulfuric acid to improve the efficiency of enzymatic hydrolysis 
process, and lignin was isolated from biomass before and after pretreatment. Solid-
state 13C NMR spectroscopy and 31P NMR revealed an increase in the degree of 
condensation of lignin due to the pretreatment, accompanied by a decrease in β-O-4 
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linkages which were fragmented and recondensed during the high temperature acid-
catalysed reactions. 
There are some new environmental friendly pretreatment methods such as 
organosolv process and ionic liquids (ILs) pretreatment method which have been 
developed in the past few decades. The lignin extracted from organosolv 
pretreatment process, has some attractive features include no sulphur, greater 
retention of chemical functionality for use as derivative products, lower ash content, 
higher purity (due to lower carbohydrate content), generally lower molecular weight 
and more hydrophobic compared to the sulfonated and kraft lignin (Doherty et al., 
2011; Lora & Glasser, 2002). Organosolv lignin is not soluble in water between pH 2 
to 7, but will dissolve in alkali and many organic polar solvents (Doherty et al., 
2011). During organosolv process, lignin breaks down by hydrolytic cleavage of α-
aryl ether links and retains the original β-O-4 inter unit linkages. 
Fort et al. report that 1-n-butyl-3-methylimidazolium chloride ([C4mim]Cl) 
solvent system is capable of partially dissolving untreated wood, and produced 
celluloses with purities, physical properties, and processing characteristics 
comparable to those of pure cellulose (Fort et al., 2007). The dissolution of cellulose 
in [C4mim]Cl is attributed to disruption of hydrogen bonding and coordination of 
chloride ions to the hydroxyl groups of cellulose (Swatloski et al., 2002; Tan et al., 
2009). Moghaddam et al. (2014) used various ILs to treat sugarcane bagasse, and the 
lignins were recovered and analysed (Moghaddam et al., 2014). The results showed 
that these IL lignins contained no or trace amounts of carbohydrates, slightly lower 
hydrogen content but higher oxygen contents than soda lignin. The IL lignins 
contained more C-3 and C-5 reactive sites for Mannich reaction and had more p-
hydroxypheny propane unit structures than soda lignin. 
2.3.2 Impact of enzymatic hydrolysis process 
In order to improve the efficiency of the cellulosic ethanol production, it is 
necessary to understand the structural changes of lignin during enzymatic hydrolysis, 
however, very limited work has been done on this topic. Mao et al., characterized 
and compared the chemical structure of corn stover and its residues after dilute 
sulfuric acid prehydrolysis and enzymatic hydrolysis to find out the limitations to the 
effectiveness of enzyme hydrolysis (Mao et al., 2010). The quantitative analysis of 
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NMR spectra indicated that the percentage of aromatic functional groups such as C-
O, C-C, C-H and C=C groups in lignin all increased significantly after enzymatic 
hydrolysis. Correspondingly, there is a loss of carbons in the O-alkyl in residues after 
enzymatic hydrolysis. This shift could be interrelated. The data suggest that acid 
prehydrolysis could cause those carbons on either the carbohydrate polymer or the 
lignin side chain to become unsaturated, likely through a dehydration reaction (Mok 
et al., 1992), or in the case of lignin, the loss of formaldehyde and vinyl ether 
formation (McDonough, 1992). 
In another study, Douglas fir softwood was pretreated using steam explosion 
followed by enzymatic hydrolysis and fermentation process, and chemical structure 
of lignins in the residues from these three processes were analysed. Elemental 
analysis result shows that the nitrogen contents of lignin was very low after steam 
explosion process, approximately 0.1%, increasing on enzymatic hydrolysis to 1.5–
2.0%, which corresponds to absorption of enzyme. The dramatic changes in the 
aromatic and aryl ketone moieties of lignins were observed during the enzymatic 
hydrolysis process. The following reactivity test of the lignin by selective 
bromination suggested that reactive groups at the α-position, such as hydroxyl and 
ethers, are being oxidized to carbonyl groups (Shevchenko et al., 1999). 
Katahira et al., found that the dilute acid pretreatment processing method prior 
to base-catalysed depolymerisation of the lignin-rich solid (obtained after enzymatic 
hydrolysis) significantly lowered the yield of the water-soluble fractions. So, the 
structural changes that occur in lignin during biomass processing prior to 
depolymerisation, influence product type and yield (Katahira et al., 2016). 
2.3.3 Chemical compositions of ethanol fermentation stillage 
As very limited research has been conducted on ethanol fermentation process 
effects on lignin structure, the chemical compositions of ethanol fermentation stillage 
from different biomass type were given in this section. Furthermore, ethanol 
fermentation stillage is the starting material for hydrothermal liquefaction reaction in 
chapter 4, thus it is necessary to understand the structure of stillage. 
Up to 20 L of starch-derived stillage is generated for each litre of ethanol 
produced. The high content of soluble organics and inorganics gives stillage potential 
for considerable pollution in disposal (Wilkie et al., 2000). The production and 
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characteristics of stillage are highly variable and dependent on feedstocks and 
various aspects of the ethanol production process. 
In stillage (also referred to as whole stillage) produced from starch materials, a 
solid fraction (distillers’ grains) and a liquid fraction (thin stillage) result and are 
usually separated through centrifugation. The solid fraction is usually dried and 
mixed with the concentrated thin stillage to produce dried distillers’ grains with 
soluble (DDGS), which is sold as animal feed (Ahn et al., 2011). Some of the thin 
stillage is either recycled as process water or sent to wastewater treatment facilities. 
The chemical composition of stillage from different raw starch materials and 
pretreatment methods is displayed in Table 2.1. 
In contrast, the composition of cellulosic ethanol stillage (solid) is very 
different from that of starch (potato, corn, etc.) ethanol stillage where protein content 
is high (30-50% in the solid stillage). Instead, the composition of cellulosic ethanol 
stillage is closer to that of untreated lignocellulosic biomass (35-45% cellulose, 15-
25% xylan, 25-35% lignin and 5-15% ash). 
Table 2.1. Chemical composition of different DDGS. 
Wheat Stillage  
(Davis et al., 2005) 
Wheat DDGS (Mansur et 
al., 2013) 
DDGS 
(Mørup et al., 2012) 
Chemical 
Composition 
Contenta 
(%w/w) 
 Chemical 
Composition 
Content 
(%w/w) 
 Chemical 
Composition 
Content 
(%w/w) 
Carbohydrate 50.1%  Carbohydrate 31.4%  NDFb 30±3 
Protein 31.5±3.4%  Protein 54.5%  NFEc 48±5 
Lipids 19.3±1.5%  Lipids 9.1%  Protein 33±2 
Ash 1.3±0.4  Ash 5.0%  Lipids 5.9±0.6 
      Ash 4.73±0.04 
a Percentage of total dry weight (%w/w) 
b Neutral detergent fibers (lignin, cellulose and hemicellulose). 
c Nitrogen free extractives (sugar, starch, hemicellulose and pectins). 
Analysis conducted by the author show that the cellulosic ethanol stillage 
(derived from sugarcane bagasse via dilute acid pretreatment) typically contains 88% 
water and 12% solid. However, the ratio varies depending on the biomass loading. 
On a dry basis, the solid contains 35% glucan, 3% xylan, 39% lignin and 15% ash. 
The high content of glucan, major saccharide unit of cellulose, was due to the 
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incomplete conversion of cellulose to glucose during hydrolysis. Because the acid 
pretreatment process breaks down most of the hemicellulose and has less effect on 
lignin degradation, the stillage contains small amounts of xylan (major saccharide 
unit of hemicellulose) and considerable amounts of lignin.  
The stillage also contains some ethanol fermentation by-products such as 
protein and lipids (from the yeast in fermentation process), glycerol, acetic acid and 
ethanol. 
Table 2.2. Chemical composition of lignocellulosic biomass and sugarcane 
bagasse stillage. 
Chemical Composition Cellulose Hemicellulose Lignin Ash 
Untreated 
lignocellulosic biomass 
35-45% 15-25% 25-35% 5-15% 
Sugarcane bagasse 
stillage 35% 3% 39% 15% 
A previous study reported the composition of ethanol stillage from wheat straw 
as shown in Table 2.3 (Lassmann et al., 2014). The pretreatment process involved 
steam explosion to allow the recalcitrant lignocellulosic biomass accessible for 
enzymatic attack and was followed by enzymatic hydrolysis. The ethanol stillage 
contains over 80% water, 4.66% D-xylose, 4.15% lignin, 4% ethanol and small 
amounts of other components such as ash, protein, acetic acid, etc (Lassmann et al., 
2014).  
Table 2.3. The composition of the ethanol stillage from wheat straw.(Lassmann 
et al., 2014) 
Component Mass fraction 
(wt%) 
Component Mass fraction 
(wt%) 
Water 80.4% C5-monosaccharides 4.7% 
Lignin 4.2% Ethanol 4.0% 
Extractives 1.9% Ash 1.4% 
Plant protein 0.9% Acetic acid 0.6% 
Cellulose 0.6% Yeast 0.6% 
Furfural 0.3% Hemicellulose 0.3% 
Enzymes 0.2% Glycerol 0.1% 
CO2 0.1%   
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2.4 HYDROTHERMAL LIQUEFACTION OF ETHANOL 
STILLAGE 
In the case of wet biomass material, such as agricultural biomass residues and 
ethanol fermentation stillage, hydrothermal liquefaction is usually the more 
appropriate thermochemical processing technique compared to pyrolysis and 
gasification because of high moisture and ash containing feedstocks (Singh et al., 
2015). 
2.4.1 Hydrothermal conversion of lignocellulosic biomass to chemicals 
Hydrothermal liquefaction is a typical thermochemical process for production 
of bio-oil and bio based chemicals from lignocellulosic biomass (Barbier et al., 2012; 
Skoulou & Zabaniotou, 2012; Xiu & Shahbazi, 2012), by processing in a hot and 
pressurized aqueous environment to break down the solid biopolymeric structure to 
soluble low molecular weight components. Typical hydrothermal processing 
conditions are conducted at temperatures of 280-370 °C and operating pressures of 4 
to 25 MPa (Elliott et al., 2015; Toor et al., 2011).  
Chemicals from carbohydrate residue 
Apart from the biochemical route (enzymatic hydrolysis and fermentation) for 
the production of biofuels and biochemicals from cellulose and hemicellulose, these 
carbohydrate polymers can be directly converted to fuels and chemicals in 
thermochemical processes. For example, xylan and glucan can be converted to 
furfural and 5-hydroxymethyl furfural (5-HMF), respectively (Montané et al., 2002), 
which are platform chemicals for the production of fuels, solvents, polymers, etc.  
For example, 5-HMF can be further converted to dimethyl furan, furan dicarboxylic 
acid, and gamma-valerolactone (GVL) via levulinic acid (Figure 2.7) (Rosatella et 
al., 2011; Sheldon, 2011; Taarning et al., 2008; Tuck et al., 2012). Because 
cellulosic ethanol stillage is still rich in carbohydrate content due to incomplete 
removal of hemicellulose during pretreatment and incomplete digestion of cellulose 
during enzymatic hydrolysis, this stillage has the potential to produce carbohydrate-
derived fuels and chemicals through chemical processes. 
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Figure 2.7. 5-HMF as a platform chemical.(Tuck et al., 2012) 
Chemicals from lignin  
Lignin has a significant potential as a source for the sustainable production of 
aromatic fuels and chemicals. However, lignin depolymerisation is still a challenging 
task due to its high stability and complexity. Generally, lignin deconstruction 
strategies include pyrolysis, oxidation, hydrotreating and enzymatic 
depolymerisation, in some cases. Recently, most of the relevant literature about 
lignin decomposition has focused on hydrochemical technologies. Li et al. report the 
complete ethanolysis of Kraft lignin over an α-MoC1−x/AC catalyst in pure ethanol at 
280 °C, which lead to high-value low molecular weight chemicals with a maximum 
overall yield 1.64 g/g lignin for the 25 most abundant liquid products (LP25). The 
LP25 products consisted of C6–C10 esters, alcohols, arenes, phenols, and benzyl 
alcohols with an overall heating value of 36.5 MJ/kg. C6 alcohols and C8 esters 
predominated and accounted for 82 wt % of the LP25 products (Ma et al., 2014). 
2.4.2 Hydrothermal liquefaction of ethanol stillage 
Compared to the conventional ways of ethanol stillage utilization, such as 
production of fertilizers, animal feed or methane gas (Dowd et al., 1993; Krzywonos 
et al., 2009; Willington & Marten, 1982), hydrothermal conversion of stillage to 
value-added chemicals is more promising, as no drying is required for ethanol 
fermentation stillage before liquefaction.  
However, as introduced previously, the compositions of stillages vary 
significantly depending on the feedstocks, and affect their applications. Mansur et al. 
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conducted research on converting stillage derived from fermentation of irregular 
wheat for ethanol production into aliphatic ketones by a two-step process. 
Hydrothermal liquefaction of wheat stillage at 200-350 °C and 1-16 MPa for 5 h, 
followed by catalytic reaction over a ZrO2-FeOx catalyst in a fixed bed flow reactor 
under nitrogen atmospheric condition at 350 °C (Mansur et al., 2013). The reaction 
paths during the two step process are shown in the Figure 2.8. 
 
Figure 2.8. Reaction paths during hydrothermal treatment and catalytic 
reaction (Mansur et al., 2013). 
During the hydrothermal treatment of DDGS, carbohydrates were converted 
into light hydrocarbons (i.e., aldehydes, ketones, carboxylic acids, esters, etc.), and 
higher yield of light hydrocarbons (C1-C4) were obtained with higher reaction 
temperature. Lipids were converted into carboxylic acids and esters. Moreover, 
during the catalytic reactions, esters were converted into aliphatic ketones via a series 
of reactions where carboxylic acids and alcohols were produced as intermediate 
products. After catalytic reaction of the liquid tar, about 20% of aliphatic ketones 
were recovered (Mansur et al., 2013). 
Zirconia-iron oxide catalysts have been used in other applications as well. 
Funai et al. reported successful conversion of liquid stillage, which was derived from 
coliform-fermented residue of palm oil waste to useful chemicals such as acetone 
(Funai et al., 2010). Lower-molecular organics were obtained by hydrothermal 
treatment in sub- or supercritical water. Carboxylic acids such as acetic acid and 
propanionic acid existed in the liquid stillage, and the conversion reaction of acetic 
acid, alcohols and aldehydes to acetone conducted over ZrO2–FeOX catalyst.  
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In terms of conversion of cellulosic ethanol stillage, Nguyen et al. showed that 
batch reactions at 385 °C and 26 MPa with Ni and Ru catalysts gave almost 100 % 
carbon conversion within 1 h, compared to non-catalytic reactions that gave only 10 % 
conversion (Nguyen et al., 2014). Lu et al. reported hydrothermal liquefaction of 
bioethanol fermentation residues of reed- and corn stover using aluminium chloride 
as the main catalyst (Lu et al., 2014). The major compounds in the chloroform 
extraction were esters, phenols, hydrocarbons, and their derivatives, and the residues 
mainly contained some acids such as levulinic acid, acetic acid, propionic acid and 
formic acid. The role of the aluminium chloride catalyst was enhanced the 
liquefaction process significantly by breakdown of some linkages in lignin of the 
fermentation residues, such as methoxy group, C–C and C–O, was occurred in the 
liquefaction process (Lu et al., 2014). 
Solvent is another critical factor for improving liquefaction. Water 
(supercritical water (Nguyen et al., 2014) or liquid hot water (Lu et al., 2014)) and 
water–alcohol (Patil et al., 2014) mixtures are commonly utilized as they are very 
reactive media. HTL of lignocellulosic biomass (wheat straw) into bio-oil and 
chemicals under subcritical conditions (temperature up to 350 °C, pressure up to 
200 bar) in water and water–alcohol (ethanol and isopropanol) mixtures  led to more 
than 30 wt% yield of high caloric oil and chemicals such as phenol, guaiacol, 
syringol and acetic acid (Patil et al., 2014).  
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3.1 INTRODUCTION 
There has been an increasing trend in recent years to cost-effectively produce 
cellulosic ethanol from agro-industrial residues such as sugar cane bagasse. A typical 
cellulosic ethanol production process from sugar cane bagasse involves pretreatment, 
enzymatic hydrolysis, yeast fermentation and distillation. It is known that the 
structural changes that occur in lignin during biomass processing prior to 
depolymerization, influence product type and yield. As a consequence, information 
on the structural changes of sugar cane bagasse lignin derived via dilute acid 
hydrolysis in relation to changes that occur during subsequent saccharification and 
fermentation processes will dictate at what stage during the ethanol manufacturing 
process would be beneficial to recover the lignin for value-added applications. 
In this chapter, effect of cellulosic ethanol production steps on the properties of 
lignins were investigated through characterization and comparison of lignins 
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recovered following dilute acid pretreatment, enzymatic hydrolysis and 
fermentation/distillation. Recovery of lignins was conducted by dilute NaOH 
extraction (1% in liquid, w/w) and acid precipitation. A number of analytical 
techniques were used to determine lignin physical and chemical properties.  This 
chapter also presents the results for the characterization of lignin isolated from an 
alternative pretreatment process. The pretreatment process uses 
MIBK/methanol/water system to isolate eucalyptus lignin. 
3.2 MATERIALS AND METHODS 
3.2.1 Materials 
Raw sugarcane bagasse was collected from Racecourse Sugar Mill (Mackay 
Sugar Limited, Australia). 20 kg of raw sugarcane bagasse (~50% moisture) were 
pretreated with dilute H2SO4 in a pilot scale horizontal reactor at Mackay Renewable 
Biocommodities Pilot Plant, the facility of Queensland University of Technology. 
The pretreatment conditions were: a liquid/solid (w/w) ratio of 6, a temperature of 
170 °C, a reaction time of 15 min and an acid concentration of 0.4% (w/w in liquid). 
The detailed procedure for pretreatment is described elsewhere (Zhang et al., 2013). 
After pretreatment, the solid residue was pressed and collected for further processing 
and characterisation. The pressed solid residue has a water content of 57%. 
Sodium hydroxide (NaOH), pyridine, chloroform, chromium acetylacetonate, 
cyclohexanol, 2-chloro-4, 4, 5, 5-tetramethyl-1, 3, 2-dioxaphospholane (TMDP), 
dimethyl sulfoxide-d6 (DMSO-d6), deuterated chloroform and polystyrene 
sulphonate standards were purchased from Sigma-Aldrich Company (US). Sulphuric 
acid with a mass fraction of 98% and HCl with a mass fraction of 32% were 
purchased from Chem-Supply Ltd., Australia. All the chemicals used were of 
analytical grade or above. 
3.2.2 Experimental methods 
3.2.2.1 Lignin extraction prior to enzymatic hydrolysis (L1) 
Figure 3.1 shows the flow chart of lignin extraction and recovery processes 
utilized in the study. For lignin extraction prior to enzymatic hydrolysis, pretreated 
bagasse (100 g dry mass) was mixed with the required amount of water to a 
solid/liquid ratio of 1:10 (mass ratio). The mixture was neutralized to pH 5.0 with 
 Chapter 3: Structural Changes of Lignins during Cellulosic Ethanol Production Process 25 
addition of 2 M NaOH. After neutralization, 10.0 g of solid NaOH (10% of dry 
biomass or 1% in liquid) was added and the whole thoroughly mixed. The mixture 
was incubated at 80 °C for 1 h in a water bath with swirling every 10 min. After 
incubation, the liquid (black liquor) was separated by filtration through a Whatman 
no. 541 filter paper. The solid residue was washed twice with 5 g L-1 NaOH solution 
(2 × 250 mL NaOH solution) to dissolve loosely bound lignin, followed by distilled 
water wash twice (2 × 250 mL water per wash) at room temperature (24 °C). The 
washed solution was mixed with the black liquor and collected for lignin recovery 
(termed L1). The solid residue was rinsed with distilled water twice (2 × 250 mL 
water), and collected for the determination of biomass composition and cellulose 
digestibility. 
 
Figure 3.1. Flow chart of lignin extraction and lignin recovery process. 
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3.2.2.2 Lignin extraction after enzymatic hydrolysis (L2) 
Pretreated bagasse (100 g dry mass) was mixed with a required amount of 
water to a solid/liquid ratio of 1:10 (mass ratio). The mixture was neutralized to pH 
5.0 with 2 M NaOH and sterilized at 121 °C for 15 min. Cellulase enzymes 
(Accellerate® 1500, DuPont, US) were added to the mixture with a loading of 10 
FPU/g biomass. Enzymatic hydrolysis was conducted at 50 °C for 72 h. After 
hydrolysis, an aliquot was withdrawn for sugars analysis and the solid residue was 
recovered by filtration. The wet solid residue (20 g) was vacuum-dried at 45 °C for 
48 h and stored for biomass composition analysis. 2.0 g of the vacuum-dried solid 
residue was further dried at 105 °C overnight to determine the water content of the 
wet solid residue. A subsample of the wet solid residue (50 g dry mass) was mixed 
with the required amount of water to obtain a solid/liquid ratio of 1:10 (mass ratio). 
5.0 g of solid NaOH (10% on dry biomass) was added to the mixture and was 
incubated at 80 °C for 1 h in water bath. Following incubation, the mixture was 
processed as described in section 3.2.2.1. The washed solid residue was collected for 
biomass compositional analysis. 
2.0 g subsample of L1 obtained in section 3.2.2.1 was subjected to enzymatic 
hydrolysis as described in this section and monitored at various times from 0-72 h 
using GBC Cintra 40 UV-Visible spectrometer (US). 
3.2.2.3 Lignin extraction after fermentation and distillation 
Pretreated bagasse (100 g dry mass) was mixed with the required amount of 
water to a solid/liquid ratio of 1:10 (mass ratio). The mixture was neutralized and 
sterilized as described in section 2.2.3. Simultaneous saccharification and 
fermentation was initiated with the addition of cellulase enzymes (10 FPU/g dry 
biomass), sterilized yeast extract and peptone solutions (final concentrations of 5 
g/kg media) and Fali® yeast (~0.5 g/kg media, AB Mauri, Australia) and conducted 
anaerobically at a temperature of 30 °C for 72 h. As shown in Figure 3.1, at the end 
of fermentation, ethanol was distilled by rotary evaporation at 80 °C for 1 h. The 
solid residue was separated after distillation by filtration. The processing of the solid 
residue for extraction of lignin was similar to that described in section 3.2.2.2. The 
extracted and washed solid residue was collected for determination of biomass 
composition. 
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3.2.2.4 Lignin recovery  
Lignins in the extraction solutions (section 3.2.2) were recovered by lowering 
the solution pH as described elsewhere (Moghaddam et al., 2014; Mousavioun & 
Doherty, 2010). Briefly, the pH of a lignin solution was dropped to 5.5 by gradually 
adding 2 M H2SO4 solution with slow stirring, followed by 15 min stirring at ambient 
temperature. The solution pH was further dropped to 3.0 by gradually adding 2 M 
H2SO4 solution with further stirred for 30 min in a water bath at 65 °C. The solution 
was filtered and the lignin residue was washed several times with hot water (70 – 80 
°C) until no foam was observed in the filtered solution. The washed lignin was 
collected and vacuum dried at 45 °C for 48 h. The dried lignin was ground manually 
and was stored in a desiccator for composition and structural analysis (Sluiter et al., 
2008). 
3.2.3 Analytical methods 
3.2.3.1 Biomass composition analysis 
Compositional (cellulose, hemicelluloses, lignin and ash) analysis of the solid 
samples were conducted according to the standard methods developed by National 
Renewable Energy Laboratory (NREL), US (Sluiter et al., 2008). The maximum 
standard deviation was no more than 3% using this method. 
3.2.3.2 Elemental analysis 
Elemental analysis of lignin was performed using a Flash EA 1112 Organic 
Analyser (Thermo Scientific, US). Subsamples of lignins were dried overnight at 105 
°C to constant weight prior to analysis. A subsample of dried lignin (2 – 4 mg) was 
encapsulated in a tin container for the measurement of carbon, hydrogen and nitrogen 
while another subsample of lignin was encapsulated in a silver container for analysis 
of oxygen content. The maximum error of analysis for oxygen was 3.5%.  The 
maximum error for the other elements was 0.1%. 
The methoxyl group (OCH3) content of lignins were determined by using 1H 
NMR spectra (Santos Abreu & Freire, 1995). A quantitative 1H NMR spectrum of 
lignin samples was collected with a 90° pulse width before 2D NMR analysis 
(section 3.2.3), the number of scan was 8. The signals of aromatic protons are 
registered between 5.98 ppm to 7.74 ppm, while the signals of methoxyl group are 
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registered between 3.49 ppm to 4.08 ppm. The methoxyl content can be obtained 
from the following equation: 
%OCH3 = 28.28436-19.750047x                            (1) 
where x = H (aromatic)/H (methoxyl). The H (aromatic) and H (methoxyl) are 
integration values of the aromatic and methoxyl signals in 1H NMR spectra. 
3.2.3.3 Average molecular weight  
Gel permeation chromatography (GPC) was used to determine the molecular 
weight of recovered lignins. 10 mg lignin samples were dissolved in 4 g/L NaOH and 
filtered through a 0.45 μm syringe membrane filter before GPC. A Shodex Asahipak 
GS-320 HQ column and a Waters 2487 UV detector (280 nm) were used to 
determine lignin molecular weight distribution. The mobile phase was 4 g/L NaOH 
(pH 12 adjusted by addition of dilute HCl) with a flow rate of 0.5 mL/min. The 
column temperature was maintained at 30 °C. Sodium polystyrene sulphonates with 
a molecular weight range from 1530 g/mole to 34700 g/mole were used as standards. 
Average weight molecular weight (Mw) and average number molecular weight (Mn) 
of lignins were calculated after comparison with the standards. 
3.2.3.4 Attenuated total reflectance (ATR)-FTIR spectroscopy 
Infra-red spectra were collected using a Nicolet Diamond 5700 ATR FTIR 
spectrometer equipped with a Smart Endurance single bounce diamond ATR 
accessory (Nicolet Instrument Corp., US). Spectra were collected in the spectral 
range 4000 cm-1 - 525 cm-1, using 64 scans at 4 cm-1 resolution with a mirror velocity 
of 0.6329 cm/s. The measurement time for each spectrum was around 60 s. 
3.2.3.5 TGA 
Decomposition studies of lignin samples were carried out in a TA Instruments 
Q500 in a nitrogen-flowing atmosphere of 15 mL/min. Approximately 15 mg lignin 
was heated at the rate of 10 K/min from ambient temperature to 1000 °C and the 
mass loss was recorded to characterize the various degradation stages. 
3.2.3.6 2D HSQC NMR 
Lignin (20 mg) was dissolved in 1 mL of DMSO-d6 and transferred to an NMR 
tube (a diameter of 5 mm). 1H-13C correlation 2D HSQC NMR spectra were recorded 
on a 400 MHz NMR Bruker Avance spectrometer (Agilent, US) at room 
temperature. The spectral widths were 5 kHz and 20 kHz for the 1H and 13C 
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dimensions, respectively. The number of the collected complex points was 1024 for 
the 1H dimension with a recycle delay of 1.5 s. The number of transients was 64, and 
256 time increments were recorded in 13C dimension. The central solvent (DMSO-
d6) peak was used as an internal chemical shift reference point (δC/δH 39.5/2.49). The 
content of aromatic units and S/G ratio of lignins were calculated based on volume 
integrals (uncorrected) of the HSQC correlation peaks using the ACD/NMR 
Processor Academic Edition software (del Rio et al., 2015). 
3.2.3.7 31P NMR 
A solvent mixture of pyridine/deuterated chloroform (a volume fraction of 
1.6:1) was prepared (first solution). Molecular sieves (0.3 nm size) were added to the 
solvent mixture and the mixture kept in a sealed container under nitrogen to prevent 
moisture intake. Chromium (III) acetylacetonate (5.0 mg) and cyclohexanol (11.8 
mg) were added to 1 mL of the solution mixture to prepare the second solution. This 
mixture served as both a relaxation agent and internal standard. Dry lignin (30 mg) 
was mixed with 0.5 mL of the first solution mixture. 100 μL of the second solution 
was mixed with 100 μL of (2–chloro–4,4,5,5–tetramethyl–1,3,2–dioxaphospholane 
in order to tag the hydroxyl groups. After mixing for 5 min, the mixture was diluted 
to 1 mL in a glass vial with addition of the first solution. The glass vial was then 
sealed and the solution was thoroughly mixed and transferred into an NMR tube. The 
31P NMR spectra were obtained on a 400 MHz NMR Bruker Avance spectrometer 
(Agilent, US) at room temperature. 31P NMR acquisition was performed using an 
inverse gated decoupling pulse sequence with a relaxation delay of 25 s between 90° 
pulses. 1000 transients were recorded, yielding quantitative spectra. The 
concentrations of the different hydroxyl groups were calculated based on the internal 
standard of cyclohexanol (chemical shift 144.5-144.0 ppm). 
3.2.3.8 Pyrolysis coupled to gas chromatography and mass spectrometry (Py-
GC/MS) 
Pyrolysis of the lignin samples (ca. 0.1 mg) was performed at 500 ºC in an 
EGA/PY-3030D micro-furnace pyrolyzer (Frontier Laboratories Ltd., Fukushima, 
Japan) connected to a GC 7820A (Agilent Technologies, Inc., Santa Clara, CA) and 
an Agilent 5975 mass-selective detector (EI at 70 eV). The column used was a 30 m 
(length) × 0.25 mm (internal diameter), 0.25 μm film thickness, DB-1701 (J&W 
Scientific, Folsom, CA). The oven temperature was programmed from 50 °C (1 min) 
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to 100 °C at 20 °C/min and then to 280 °C (5 min) at 6 °C/min. Helium was the 
carrier gas (1 mL/min). Identification of the released compounds was made by 
comparison of their mass spectra with those of the Wiley and NIST libraries and with 
those reported in the literature (Faix et al., 1990; Ralph & Hatfield, 1991) and, when 
possible, by comparison with the retention times and mass spectra of authentic 
standards. Molar peak areas were calculated for each lignin degradation product 
released, the summed areas were normalized, and the data for two replicates were 
averaged and expressed as percentages. 
3.3 RESULTS AND DISCUSSION 
3.3.1 Yields of sugars and lignins from different processes 
Table 3.1 shows the composition of the solid residues and lignins, as well as 
the yields of sugars and lignins from the different treatment stages. Lignin extraction 
from the solid residue with dilute NaOH solution significantly increased the glucan 
content. The extraction process enhanced glucan digestibility due to the removal of 
lignin and hence increased the glucose amount from 37.5 g to 40.7 g for 100 g solid 
residue  processed (Figure 3.1), corresponding to glucose yields of 71% to 77%. This 
increase could potentially lead to a relative ethanol increase of ~6%.  
Table 3.1. Biomass composition and yields of glucose and lignins. 
Sample type Soda extraction 
Component (%)  Glucose yield
a 
(g/100 g) 
Lignin yieldb 
(g/100g) Glucan Xylan Lignin Ash 
Pretreated 
bagasse 
No 47.7 1.4 28.7 12.7 71 ― 
Yes 63.8 0.9 13.0 14.0 77 ― 
Hydrolysis 
residue 
No 30.9 0.9 41.2 19.0 ― ― 
Yes 48.1 1.0 23.8 17.8 ― ― 
Fermentation 
residue 
No 31.9 1.3 42.8 13.8 ― ― 
Yes 54.0 1.2 21.7 14.5 ― ― 
        
L1 ― 0.0 0.0 97.8 1.3 ― 48 
L2 ― 0.0 0.0 97.1 1.4 ― 57 
L3 ― 0.0 0.0 95.3 2.0 ― 49 
a Glucose yield: glucose (g) in 100 g pretreated solid residue. 
b Lignin yield: lignin (g) in 100 g pretreated solid residue. 
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For the enzymatic hydrolysis residue and fermentation/distillation residue, the 
amounts of total solid residues reduced significantly due to conversion of a large 
proportion of glucan to soluble glucose by enzymatic hydrolysis (Figure 3.1). The 
highest amount of lignin (16.4 g) extracted from 100 g pretreated solid residue was 
achieved after enzymatic hydrolysis and this corresponded to a lignin yield 
(compared to total lignin in pretreated solid residue) of 57%; 8–9% higher than the 
other stages. This is due to the fact that the enzymatic hydrolysis process removed 
glucan making the substrate more accessible to NaOH extraction. L3 yield is lower 
than L2 yield, possibly due to solubilisation of some lignin components at the 
relatively high distillation temperature of 80 °C. L3 contains the highest ash content, 
and so has the least lignin purity. Carbohydrates were not detected in all the 
recovered lignins. 
3.3.2 Elemental analysis 
The elemental analysis results of the lignins are shown in Table 3.2. The data 
show that the nitrogen contents of L2 and L3 are much higher than that of L1. The 
higher nitrogen contents obtained for L2 and L3 are very likely from nitrogen 
sources (cellulases, yeast extract and peptone) used in enzymatic hydrolysis and 
fermentation stage and nitrogen-rich biomass (i.e., yeast) produced during ethanol 
production. Assuming that all the nitrogen is from protein, with a protein conversion 
factor of 6.25 the L1 sample has the lowest protein content of 4.4%. Therefore, the 
purity of L1 is about 93% (97.8% – 4.4%). 
Table 3.2. Elemental analysis results and formulae of lignins. 
Lignin type N% C% H% O% Formulae 
L1 0.7 59.9 5.8 31.7 C9H10.64O2.92(OCH3)1.11 
L2 1.4 50.0 5.9 31.3 C9H10.94O2.83(OCH3)1.23 
L3 1.7 58.7 6.0 30.2 C9H11.18O2.67(OCH3)1.33 
Atomic ratios were calculated using values in Table 3.2, neglecting the 
nitrogen contents, to give the empirical formulae of the different lignins (Table 3.2). 
The empirical formula, C9HxOy(OMe)z, is used to represent the lignin structural unit. 
There is no noticeable difference in the empirical formula among the samples. 
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3.3.3 Lignin average molecular weights 
Table 3.3 shows average molecular weights, Mw and Mn, and polydispersity 
index (Mw/Mn). The average molecular weight of lignin recovered prior to enzymatic 
hydrolysis i.e., L1 was significantly lower than L2 and L3. From the molecular 
weight distribution curves (Figure 3.2), the high molecular weights of L2 and L3 
may be due to the formation of a new fraction of higher molar mass (Ronnols et al., 
2015). It is likely though, that the higher average molecular weight of the lignin 
obtained after enzymatic hydrolysis (L2) and fermentation (L3) are due to loss of 
soluble lower molecular weight lignin fractions and functional groups during 
processing.  
Table 3.3. Weight-average (Mw) and number-average (Mn) molecular weights, 
and polydispersity (Mw/Mn) of the different lignin samples. 
Lignin type Mw (g mol-1) Mn (g mol-1) Mw/Mn 
L1 8,327 4,454 1.87 
L2 9,303 4,876 1.91 
L3 9,272 4,854 1.91 
 
Figure 3.2. Molar mass distribution of the lignin. 
It may also be due to increased degree of branching and condensation, as a 
consequence of incubation for 72 h in the matrix during enzymatic hydrolysis or 
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during distillation (Sun et al., 2000). While these are plausible explanations, it is 
more than likely that the lignin that was retained in the biomass after pretreatment, 
which is of a higher molecular weight than L1 as it is less exposed to acid 
pretreatment, was made available after enzymatic pretreatment. As shown in Figure 
3.1, the amount of lignin recovered increased by ~18% indicating that some of the 
residual lignin not removed during acid pretreatment was removed after 
saccharification of the cellulose component of the biomass. 
3.3.4 ATR-FTIR spectra 
FTIR spectroscopy is a useful tool to determine the functional groups and the 
changes of chemical structural features of the lignins (Agarwal & Ralph, 1997; El 
Mansouri & Salvado, 2007; Fenner & Lephardt, 1981; Singh et al., 2005). In this 
study, the spectra of L2 and L3 were subtracted from the spectrum of L1, following 
normalisation of the spectra with the band at 1116.6 cm-1. The spectral subtraction 
results show that there are clear differences between these lignins (Figure 3.3). The 
wide peak at 3030 cm-1 - 3690 cm-1 is attributed to O-H stretching vibrations and 
hydrogen bonding in phenolic and aliphatic structures in lignins (Long et al., 2013; 
Moghaddam et al., 2014; Sun, Li, et al., 2013). The L1 lignin has the highest O-H 
stretching vibrations, and the intensities in the 3000 cm-1-2800 cm-1 region, which 
are assigned to the C-H stretching of the aromatic methoxyl and methyl and 
methylene groups of the lignin side chains (El Mansouri & Salvado, 2007; Singh et 
al., 2005), are also the highest with this lignin sample. L2 has the least proportion of 
these groups. 
The unconjugated ketones or carboxyl stretching vibration at 1699 cm-1 (Sun, 
Li, et al., 2013) is present in the highest proportion in L1 (Figure 3.3). The peaks at 
1591 cm-1, 1506 cm-1 and 1456 cm-1, which correspond to the characteristic 
vibrations of core aromatic structures in lignin (Capraru et al., 2009; Long et al., 
2013; Tejado et al., 2007), were observed in all lignin samples. However, Figure 3.3 
shows that L2 and L3 lignins have higher proportions of these aromatic units than 
L1. The peak at 1423 cm-1 is related to C-H deformation in lignin, and the peaks at 
1324 cm-1 and 1261 cm-1 are attributed to syringyl ring breathing with C-O stretching 
(Long et al., 2013) and guaiacyl ring breathing with C=O stretching respectively 
(Sun, Xu, et al., 2013). 
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Figure 3.3. ATR-FTIR subtraction spectra of lignins. 
The peak area ratio of the of the ester bonds associated with p-hydroxyphenyl 
(1169 cm-1) to the syringyl units (1119 cm-1) was found to be 0.26, 0.20 and 0.10 for 
L1, L2 and L3 in that order. 
The peak at 1219 cm-1 is related to ring breathing with C-O stretching of both 
the syringyl and guaiacyl structures. At 1117 cm-1 - 833 cm-1 region, there is a 
significant difference among the three lignins. The absorption band at 835 cm-1, is 
indicative of the presence of p-hydroxyphenyl units (Faix, 1991) and is present in all 
three samples. 
3.3.5 TGA results 
TG curves reveal the weight loss of substances in relation to the temperature of 
thermal degradation, while DTG curves shows the corresponding rate of weight loss 
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(Peng et al., 2001; Tejado et al., 2007). Similar weight loss trends were observed in 
the TG/DTG curves for all the lignins (Figure 3.4). The thermal curves show first 
stage of weight losses at 40-150 °C due to the evaporation of residual moisture. 
 
 
 Figure 3.4. (a) TGA and (b) DTG curves of lignins. 
The second weight losses occur at 200-500 °C and the maximum weight loss 
rates are observed at 335-350 °C, similar to those reported by previous workers 
(Tejado et al., 2007; Wang et al., 2009). The peak temperatures (Tm) corresponding 
to the maximum degradation rate for L2  and L3 are  335 °C, about 15 °C lower than 
that of L1. This is unexpected as L1 has a lower molecular weight than L2 or L3 
while the thermal stability of lignins is known to increase with increasing molecular 
weight (Sun et al., 2014). The higher ash (Table 3.1) and protein (as indicted by 
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nitrogen content in Table 3.2) contents in L2 and L3 may have contributed to the 
lower Tm values obtained by influencing the rate of degradation through weakening 
of the C-O bond in the β-O-4 unit of the lignins (Sun et al., 2000). Also, the lower Tm 
for L2 and L3 may be because the inherent substructures and linkages possibly 
changed during the enzymatic hydrolysis and the fermentation process. 
The lignin macromolecule mainly contains β-ether linkages which may break 
during incubation at pH 5 and 50 °C for 72 h during the enzymatic hydrolysis 
process. The differential increase of the UV band at 325 nm of the lignin solution 
exposed to 72 h of enzymatic hydrolysis (Figure 3.5) is associated with increased 
formation of the ferulic acid moiety (Xiao et al., 2001) and is therefore suggestive of 
increased lignin breakdown. The lignin breakdown could be the effect of incubation 
at that pH or the presence of an ligninolytic enzyme in the cellulase cocktail that 
degrade lignin (Salvachua et al., 2015). 
 
Figure 3.5. UV visible spectra of L1 treated with cellulase enzymes. 
The weight losses of the lignins in TG curves become less significant above 
500 °C. The final residue yields for L1, L2 and L3 lignin were 25.7%, 28.8 and 
30.1% respectively mirroring their ash and protein contents. 
3.3.6 NMR spectra 
3.3.6.1 2D HSQC NMR 
The aromatic units and different inter-unit linkages present in the lignins were 
analysed by 2D HSQC NMR. It is a powerful technique for lignin structure 
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determination compared to 1D NMR (1H NMR or 13C NMR) which suffers from 
signal overlapping (Heikkinen et al., 2003). Figure 3.6 shows the side chain (δC/δH 
50.0-90.0/2.50-6.00) and aromatic regions (δC/δH 100.0-135.0/5.50-8.50) of the 2D 
HSQC NMR spectra of the lignins. The assignments of the correlation signals in the 
spectra (Table 3.4), were based on reported literature (Crestini & Argyropoulos, 
1997; del Rio et al., 2012; Martinez et al., 2008; Moghaddam et al., 2014).  The 
main lignin substructures found are depicted in Figure 3.6. 
Table 3.4. Assignment of lignin signals in the 1H-13C 2D HSQC NMR spectra. 
Label Region (δC/δH) Assignments 
─OCH3 55.4/3.72 C─H in methoxyl groups 
Aγ 59.2/3.69 Cγ─Hγ in β-O-4′ substructures (A) 
Bγ 62.4/3.73 Cγ─Hγ in β─5′ phenylcoumaran  substructures (B) 
Aα 71.7/4.84 Cα─Hα in β-O-4′ substructures (A) 
Aβ(S)1 85.8/4.09 Cβ─Hβ in β-O-4′ substructures (A, erythro form) 
Aβ(S)2 86.3/4.00 Cβ─Hβ in β-O-4′ substructures (A, threo form) 
S2,6 103.8/6.69 C2,6─H2,6 in syringyl units (S)  
S′2,6 106.4/7.31 C2,6─H2,6 in oxidized (Cα=O) syringyl units (S′) 
G2 111.0/7.02 C2─H2 in guaiacyl units (G) 
FA2 111.0/7.34 C2─H2 in ferulates (FA) 
G5 115.1/6.72 C5─H5 in guaiacyl units (G) 
pCAβ/FAβ 116.3/6.40 Cβ─Hβ in free p-coumaric (pCA) and ferulic (FA) acids  
G6 119.0/6.77 C6─H6 in guaiacyl units (G) 
H2,6 127.9/7.01 C2,6─H2,6 in p-hydroxyphenyl units (H)  
pCA2,6 130.0/7.50 C2,6─H2,6 in free p-coumaric acid (pCA) 
pCAα/FAα 144.1/7.50 Cα─Hα in free p-coumaric acid (pCA) and ferulic (FA) acids 
 
The aliphatic-oxygenated 1H–13C correlations of the spectra of the lignin side 
chain inter-unit linkages are shown in Figure 3.6-I. In this region, correlation signals 
from methoxyl groups and side chains in β-O-4′ substructures (A) were the 
commonly observed signals in the lignins. The signals of methoxyl group observed at 
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δC/δH 55.4/3.72 were the most prominent signals at the side chain region for all 
lignins. In addition to the methoxyl group, the aliphatic side-chain region of the 
spectra also showed other commonly observed signals corresponding to the Cα/Hα 
and Cβ/Hβ correlations of β-O-4′ substructures (A). Signals for phenylcoumaran 
substructures (B) were also observed in the HSQC spectra, being more evident in the 
L1 sample (Figure 3.7). However, signals due to γ-acylated lignin structures (arising 
from p-coumarates acylating the γ-position of the lignin side chain), and which are 
present in significant amounts in the HSQC spectra of the native lignin from bagasse  
(del Rio et al., 2015) could not be detected in the spectra of L1, L2 and L3, 
suggesting that p-coumarate groups have been hydrolysed during dilute acid 
pretreatment and/or during lignin extraction with NaOH. 
In the aromatic/unsaturated region of the HSQC spectra, the main correlation 
signals correspond to aromatic rings of the p-hydroxyphenyl (H), guaiacyl (G) and 
syringyl (S) lignin units, respectively (Figure 3.6-II). Prominent signals at δC/δH 
103.8/6.69 due to C2,6―H2,6  correlations in S units were present in all samples. 
Weak signals at δC/δH 106.4/7.31 associated with C2,6―H2,6 correlations in Cα-
oxidized S (S′) units, were present in all the lignins except in L3 (Figure 3.7, 
structure S). The strong signals at δC/δH 115.1/6.72 is due to C5―H5 correlations in 
G units that is superimposed with the C3,5―H3,5 correlations of p-coumarates (pCA) 
and were present in all the samples. Weak signals at δC/δH 111.0/7.02 correspond to 
C2―H2 correlations in G units were observed in all the lignins, while relatively 
strong signal at δC/δH 119.0/6.77 related to C6―H6 in G units was only observed for 
the L1 ( Figure 3.7, substructure G). The Cβ―Hβ correlations for p-coumarates 
(pCA) and ferulates (FA) at δC/δH 116.3/6.40 were observed in all spectra, although 
was weaker in L3 (Figure 3.7, structure pCA and FA). As the UV data showed a 
higher proportion of ferulic acid was formed in the sample after 72 h enzymatic 
hydrolysis, it must have been removed during recovery of L3. The signals for H-
lignin units at δC/δH 127.9/7.01 associated with C2,6―H2,6 correlations were observed 
in very low intensities for all three lignins. Signals at δC/δH 130.0/7.50 related to 
C2,6―H2,6 correlation in p-coumaric acid (pCA), were present in the samples. Strong 
Cα―Hα correlation signal in pCA at δC/δH 144.1/7.50 is also present in all samples. 
Finally, and as said above, it is important to note that the HSQC indicates that both, 
ferulic acid and p-coumaric acid, which in bagasse occurs acylating the γ-carbon of 
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the lignin side-chains, have been completely hydrolysed and are present in free form 
in the alkaline lignins (as indicated by the characteristic signals from the Cβ-Hβ 
correlations at δC/δH 116.3/6.40). 
 
 Figure 3.6. Spectra map of lignin substructures. 
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It was not possible to calculate the S/G ratios because of overlapping between 
G5/G6 and pCAβ/FAβ signals (Figure 3.6). However, the S/G2 ratios are 8.3, 87 and 
57.2 for L1, L2 and L3 in that order, showing in a very qualitative way subtle 
differences among the lignin samples. In summary, however, the predominance of 
phenylcoumaran substructures and the C6─H6 in G units in the L1 sample, and the 
absence of the linkages associated with the substructures of C2,6─H2,6 in oxidized 
(Cα=O) S (S′) units and pCAβ/FAβ  clearly indicate changes in lignin substructures 
during enzymatic hydrolysis and fermentation/distillation  of pretreated bagasse. 
 
Figure 3.7. Lignin substructures affected during processing. 
3.3.6.2 31P NMR 
31P NMR is now routinely used to quantify different hydroxyl groups in the 
lignin molecular structure. Figure 3.8 shows a typical 31P NMR spectrum of the 
lignins with the detailed signal assignments of hydroxyl groups based on previous 
studies (Granata & Argyropoulos, 1995; Moghaddam et al., 2014; Pu et al., 2011). 
The integration data of various OH groups for all the lignins are summarized in 
Table 3.5. 
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Figure 3.8. 31P NMR spectra of lignins. 
Table 3.5. Contents of lignin hydroxyl groups calculated by 31P NMR spectra 
(mmol g-1 lignin). 
Lignin Aliphatic OH 
Condensed 
phenolic 
OH (4-O-5') 
Condensed 
phenolic 
OH (5-5') 
Guaiacyl 
OH 
p-
Hydroxylic 
phenyl 
Carboxylic 
acid OH 
Total 
OH 
L1 1.62 0.45 0.00 0.23 0.42 0.40 3.11 
L2 1.04 0.24 0.01 0.11 0.48 0.23 2.12 
L3 0.15 0.22 0.01 0.04 0.42 0.19 1.04 
 
31P NMR spectra of phosphitylated lignin give a good quantification of 
aliphatic hydroxyl groups, syringyl, guaiacyl, p-hydroxyphenyl, condensed phenol 
units and carboxyl acids. As can be seen from Table 3.5, the L1 extracted before 
enzymatic hydrolysis has the highest content of aliphatic OH group among all the 
OH groups (a confirmation of the FTIR data) and lowest content of condensed 
phenolic OH group (5-5′). Notably, the content of aliphatic hydroxyl group, 
condensed phenolic OH (4-O-5′), guaiacyl OH and carboxylic acid OH groups 
decreased significantly after enzymatic hydrolysis. The contents of aliphatic OH 
group and guaiacyl OH group further drop to 0.15 and 0.04 mmol/g, respectively, 
after fermentation/distillation while the proportions of condensed phenolic OH (4-O-
5′) and carboxylic acid OH groups did not change. The low content of guaiacyl OH 
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group is possibly due to the formation of catechol and condensed phenols between 
guaiacyl and syringyl units (4-O-5′). The decreasing content of guaiacyl OH group 
may be due to increased formation of condensed phenols between guaiacyl and 
syringyl units (4-O-5′). 
3.3.7 Py-GC/MS 
The pyrograms of the three lignin samples are shown in Figure 3.9. The 
identities and relative molar abundances of the lignin-derived compounds released 
are listed in Table 3.7. Pyrolysis released phenolic compounds derived from lignin 
and from p-hydroxycinnamic acids (p-coumaric and ferulic acids). The pyrograms 
showed the phenolic compounds derived from the p-hydroxyphenyl (H), guaiacyl 
(G) and syringyl (S) lignin units, such as phenol (1), guaiacol (2), 4-methylphenol 
(4), 4-methylguaiacol (5), syringol (14), 4-methylsyringol (19), 4-vinylsyringol (26) 
and trans-4-propenylsyringol (32), among others. High amounts of 4-vinylphenol (8) 
and 4-vinylguaiacol (9) were also released but, as usually occur in the pyrolysis of 
grasses, they mostly arise from p-coumaric and ferulic acid, respectively, after 
decarboxylation upon pyrolysis (Heikkinen et al., 2003; Pu et al., 2011).The Py-
GC/MS analysis revealed subtle differences (phenol, 4-vinylphenol, syringol and 4-
methylsyringol) in the lignins. Similar S/G ratios of ~1.5-1.6 (Table 3.6) and ~30-
33% of “H units” mostly derived from p-coumarates that are attached to the lignin γ-
OH (del Rio et al., 2015) were obtained for the three lignins. However, some minor 
amounts of intact p-coumaric acid methyl ester (44) and ferulic acid methyl ester 
(42) were also detected from L2 and L3 recovered after enzymatic hydrolysis and 
fermentation/distillation. 
Table 3.6. Lignin aromatic units and S/G ratio calculated based on the Py-
GC/MS results. 
Lignin aromatic units L1 L2 L3 
S (%) 41.7 39.4 39.6 
G (%) 26.2 26.0 26.0 
H (%) 30.1 33.1 32.7 
S/G ratio 1.6 1.5 1.5 
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Figure 3.9. The pyrograms of the lignins. 
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Table 3.7. Phenolic compounds of lignins obtained by Py-GC-MS. 
 Main compounds L1 L2 L3 
1 phenol 2.6 3.2 3.1 
2 guaiacol 5.7 6.2 6.1 
3 3-methylphenol 0.5 0.5 0.5 
4 4-methylphenol 2.6 2.85 2.8 
5 4-methylguaiacol 6 5.1 5.2 
6 4-ethyl phenol 2.4 2.2 2.3 
7 4-ethylguaiacol 2 1.9 1.9 
8 4-vinylphenol 20.5 22.7 22.3 
9 4-vinylguaiacol 5.4 5.6 6 
10 3-methoxycatechol 1.4 0.6 1.1 
11 eugenol 0.5 0.5 0.5 
12 4-propylguaiacol 0.2 0.2 0.2 
13 4-allylphenol 0.2 0.3 0.2 
14 syringol 10.5 10.9 11.5 
15 cis-4-propenylphenol 0.2 0.2 0.2 
16 cis-isoeugenol 0.6 0.7 0.6 
17 trans-4-propenylphenol 0.6 0.7 0.7 
18 trans-isoeugenol 2.4 2.4 2.3 
19 4-methylsyringol 9.2 7.9 8.4 
20 vanillin 1.4 1.3 1.1 
22 4-ethylsyringol 2.5 2.6 2.7 
23 vanillic acid methyl ester 0.4 0.5 0.4 
24 acetovanillone 0.9 1 0.8 
25 4-hydroxybenzaldehyde 0.4 0.4 0.4 
26 4-vinylsyringol 4.6 4.6 4.2 
27 guaiacylacetone 0.4 0.4 0.4 
28 4-allylsyringol 0.9 0.9 0.9 
29 4-propylsyringol 0.9 0.9 0.9 
30 4-hydroxyacetophenone 0.2 0.2 0.2 
31 cis-propenylsyringol 1.3 1.4 1.3 
32 trans-propenylsyringol 4.4 4.4 4.5 
33 syringaldehyde 2.1 1.5 1 
34 dihydroconiferyl alcohol 0.1 0 0.1 
36 syringic acid methyl ester 0.4 0.5 0.4 
37 acetosyringone 2.5 2.3 2.1 
38 trans-coniferyl alcohol 0.3 0.3 0.3 
40 syringylacetone 0.8 0.7 0.6 
41 propiosyringone 0.4 0.3 0.3 
42 ferulic acid methyl ester 0.3 0.3 0.3 
43 syringyl vinyl ketone 0.3 0.2 0.2 
44 p-coumaric acid methyl ester 0.3 0.5 0.4 
45 syringic acid 0.6 0.2 0.3 
46 dihydrosinapyl alcohol 0.2 0.1 0.2 
47 trans-sinapyl alcohol 0.1 0.1 0.2 
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In summary, the extraction of lignin from the pretreated bagasse by dilute 
NaOH solution enhanced sugar yield and produced a lignin with higher purity and 
higher thermal stability but lower molecular weights than the lignins obtained after 
enzymatic hydrolysis and the fermentation/distillation process. Lignins recovered by 
sodium hydroxide treatment following enzymatic hydrolysis and 
fermentation/distillation have lower contents of aliphatic hydroxyl, methoxyl and 
ketone/carbonyl groups probably as a consequence of dehydration. While there were 
no obvious differences in the proportions of monolignols, differences were observed 
in the proportion of lignin substructures and linkages. The sodium hydroxide 
treatment influences lignin composition (by the removal of polysaccharides), but not 
its structure.  All the solid residues have been exposed to the same sodium hydroxide 
treatment. Therefore, the differences in lignin structure are more likely related to the 
effects of the enzymatic hydrolysis and the fermentation-distillation stages on the 
strength of the various lignin linkages. The weakening of the linkages by the two 
processing stages, may have allowed the sodium hydroxide treatment to be able to 
remove some of condensed phenolic OH (4-O-5') groups.  The slight increase in 
condensed phenolic OH (5-5') likely arose from the long-time exposure of the 
pretreated biomass to lower pH rather than the sodium hydroxide lignin recovery 
process, as the latter process does not cause lignin condensation under the conditions 
used in the present study. 
Lignin recovered prior to enzymatic hydrolysis and fermentation/distillation 
will be better suited for making resins and coatings because of higher proportions of 
functional groups, which provide sites for avenues for improved chemical reactivity. 
The pyrolysis data, and to a lesser of the TGA data, showed that the decomposition 
profile of the lignins are similar, and bio-oils that will be derived by pyrolysis of the 
lignins will have similar composition. What is not known is whether the stability of 
these oils will be similar. 
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3.4 CHARACTERIZATION OF ORGANOSOLV LIGNIN 
OBTAINED BY PRETREATMENT OF EUCALYPTUS 
Statement by the Author 
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Acid Purification Process on the Characteristics of Eucalyptus Lignin Fractionated from a 
MIBK-based Organosolv Process. RSC Advances. 2016, 6(95), 92638-92647. 
The author contributed in the characterization and analysis of lignin samples and 
experimental design for 13C NMR.  
Dr Klamrassamee is responsible for initial experimental works in isolating lignin 
samples. 
Dr Laosiripojana, Dr Moghaddam and Dr Zhang edited the paper draft and provided 
assistance with the lignin analysis.  
Dr Rencoret, Dr Gutierrez and Prof. Del Rio from Spain helped with Py-GCMS 
analysis of lignin samples. 
Prof. Doherty corresponded and supervised with the analysis and data interpretation 
and edited the drafts of paper. 
 
Preamble 
As previous stated pretreatment of lignocellulosics is a pre-requisite for the 
production of cellulosic ethanol by biochemical means. Organosolv pretreatment of 
lignocellulosic is gaining a lot of research interest because cellulose, hemicelluloses 
and lignin can be fractionated and each can then be used as feedstock in various 
applications and as such, limit the multitude of diverse products formed. The 
solvents used for biomass fractionation and pretreatment are from a wide range of 
organic solvents, including acetone, methanol, ethanol, organic acids (i.e., acetic 
acid, formic acid), inorganic and organic bases, ketones, ethylene glycol, esters and 
combined solvents with and without catalysts (acid, alkaline, etc.) (González et al., 
2008; Johansson et al., 1987; Vila et al., 2002). It is therefore expected that the 
process employed in isolating lignin from native lignocellulosic biomass has a 
significant influence. 
In the present work, the characteristics of eucalyptus wood lignin (OL) recovered 
from the H2SO4 catalyzed MIBK/methanol/water process was investigated. The 
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lignin was purified using alkali-acid purification process, and is designated TOL. The 
lignin composition was determined by elemental analysis and the well-known 
biomass compositional analysis method developed by the National Renewable 
Energy Laboratory (NREL), US. Lignin solubility was evaluated in several organic 
solvents, viz., acetone, methanol, ethanol, tetrahydrofuran (THF) and dimethyl 
sulfoxide (DMSO). Solvent solubility is an important parameter that affects 
depolymerization and dehydrodeoxegenation reactions of lignins as well as the 
resulting product yields (Deepa & Dhepe, 2014). The purified lignin was further 
characterized by size exclusion chromatography (SEC), X-ray photoelectron 
spectroscopy (XPS) analysis, FT-IR, solid-state NMR, and Py-GC/MS). 
3.4.1 Materials and methods 
3.4.1.1 Lignin preparation 
Eucalyptus wood chips (80 g on a dried weight basis), which consisted of 45.4% 
cellulose, 21.1% hemicellulose, 30.4% lignin and 3.3% other components (e.g., ash) 
(Klamrassamee et al., 2013), was sequentially fractionated by a ternary mixture of 
methyl isobutyl ketone:methanol:water (25:42:33) in the presence of 0.008 M H2SO4 
as acid promoter at 180 °C for 60 min using 1 L Parr reactor (Parr Instrument, USA). 
The fractionation was conducted in four replicate batches to prepare enough lignin 
(OL) for the purification experiment.  
The OL sample was treated and purified using an alkali-acid precipitation process 
according to previous publication (Klamrassamee, Laosiripojana, Cronin, et al., 
2015). In detail, 20 g of OL was placed in a 600 mL beaker, to which 200 mL 2M 
NaOH was added drop-wise. The mixture was warmed at 35 °C in a water bath for 
30 min. The base-soluble lignin was then separated from the insoluble residue by 
filtration on a Whatman No. 52 filter paper. The residual base insoluble lignin (BIL) 
was washed (4 × 400 mL distilled water) until a neutral filtrate was observed. The 
base-soluble lignin was acidified to regenerate lignin following the procedure 
described in section 3.2.2. The washed lignin was dried in a vacuum oven at 45 °C 
overnight and named as treated organosolv lignin (TOL). 
3.4.1.2 Lignin solubility test 
The organic solvents, acetone, methanol, ethanol, THF and DMSO, used for the 
lignin solubility test were purchased from Sigma-Aldrich (Australia). Dried lignin (2 
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g) sample (OL or TOL) was mixed with 100 mL of each solvent in 250 mL Schott 
bottles. Mixing was conducted at room temperature (24 °C) with a magnetic stirring 
speed of 100 rpm. After 18 h mixing, the solvent solution was filtered under vacuum 
and dried at 70 °C for 48 h. The solubility was expressed as g lignin/100 mL solvent. 
3.4.1.3 Lignin characterization 
The characterization of lignin samples (OL and TOL) by elemental analysis, 
biomass composition analysis, molecular weight determination, ATR-FTIR analysis, 
2D NMR and Py-GC/MS were described in section 3.2.3. 
The X-ray photoelectron spectroscopy (XPS) analysis was used to analyse the 
surface chemistry of the lignin samples using a Kratos Axis ULTRA X-ray 
photoelectron spectrometer (Kratos Analytical, UK) incorporating a 165 mm 
hemispherical electron energy analyzer. The incident radiation was monochromatic 
Al Kα X-rays (1486.6 eV) at 150 W (15 kV, 10 ma) and then photoelectron data 
were collected at take-off angle of θ = 90°. Survey (wide) scans were operated with 
pass energy of 160 eV and multiplex (narrow) high-resolution scans were operated at 
40 eV. Survey scans were performed over a binding energy range from 1200 eV to 0 
eV with an interval step of 1.0 eV and a dwelling time of 100 ms. Narrow high-
resolution scans were run with an interval step of 0.05 eV and a dwelling time of 250 
ms. The base pressure was 1.0×10-9 – 1.0×10–8 torr in the analysis chamber during 
sample analysis. Atomic contents (%) were calculated using the CasaXPS version 
2.3.14 software (Manchester, UK). Peak fitting of the high-resolution data were also 
carried out using the CasaXPS software. 
The macromolecular structural of the lignin samples was determined using 13C-
cross-polarization magic-angle-spinning (CP/MAS) solid-state probe mounted on 
Inova 400 Varian (Agilent, US) operated at 100 MHz. Magic angle spinning was 
conducted at 13 kHz, a recycle time of 2 s, an acquisition time of 33 ms, 4,000 scans.   
3.4.2 Results and discussion 
3.4.2.1 Effect on lignin composition 
OL yield from the fractionation was 15.0% compared to the total amount of 
initial biomass (or 49.3% of original lignin in biomass). TOL accounted for 
approximately 85% of the OL with the remaining being BIL. Table 3.8 shows the 
elemental compositions, empirical and C9 formula of OL and TOL. The empirical 
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formula of the macromolecule was calculated based on the elemental composition 
and atomic weight while the C9 formula, which is commonly given as a hypothetical 
hydroxyphenyl structural unit in lignin chemistry, present six carbon atoms in the 
benzene ring and an additional three carbon atoms making up the propyl side-chain 
(Moghaddam et al., 2014). Based on C9 formula, the purification process reduced 
hydrogen atom number but improved oxygen atom number in lignin (Table 3.8). The 
oxygen content in TOL was 32.3%, slightly higher than that in OL (31.1%), possibly 
indicating lignin oxidation occurred during alkaline treatment process. Nitrogen in 
OL was possibly from protein while sulfur may be from H2SO4, which was used as 
the catalyst in the biomass fractionation process. The purification process removed 
nitrogen and sulfur and the absence of sulfur in lignin is desirable, as it makes the 
material more amenable to chemical modification (Laurichesse & Avérous, 2014). 
Table 3.8. Lignin elemental composition and formula. 
Lignin  C H O N S Empirical formula C9 formulae 
OL 60.42 5.66 31.11 0.08 0.53 C5.03H5.62O1.94N0.006S0.017 C9H10.05O3.48N0.010S0.03 
TOL 59.33 5.48 32.29 - - C4.94H5.44O2.02 C9H9.9O3.68 
 
Table 3.9 shows the lignin compositions. The purification process reduced the 
carbohydrate (glucan, xylan, and arabinan) and ash contents in OL, and slightly 
improved lignin purity. Mass balance calculations indicated that about 6 wt% of the 
lignins was not accounted for, possible because the extractives components were not 
determined in this study. Similar results were obtained with lignins recovered from 
acid-catalysed ethylene glycol and acid-catalysed ionic liquid pretreatment processes 
(Moghaddam et al., 2014). 
Table 3.9. Lignin biomass composition. 
Lignin Content (% wt)* 
Glucan Xylan Arabinan Ash AIL ASL Total lignin 
OL 0.03 0.91 0.05 0.12 92.59 0.04 92.63 
TOL 0.01 0.29 0.02 0.04 93.14 0.10 93.24 
*Error in analysis (% ±2) 
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3.4.2.2 Effect on lignin solubility 
Table 3.10 shows the lignin solubility in acetone, methanol, ethanol, THF and 
DMSO. Lignin solubility was in the following order DMSO > THF > acetone > 
ethanol > methanol. THF and DMSO are the commonly used organic solvents to 
dissolve lignins since they are polar aprotic solvents (Gosselink et al., 2004). The 
purification process improved lignin solubility by > 100% in all the five organic 
solvents, which is attributed to the removal of BIL (likely to contain polymeric 
condensed structures) and lignin-carbohydrate linkages. The higher solubility of 
lignin in various solvent may expand its applications. 
Table 3.10. Solubility of OL and TOL in organic solvents. 
Solvent 
Solubility (g lignin/100 mL solvent)* 
OL  TOL  Increase (%, TOL compared to OL) 
Acetone 0.20 0.62 208 
Methanol 0.17 0.54 218 
Ethanol 0.18 0.56 211 
THF 0.30 0.80 167 
DMSO 1.00 > 2.00 > 100 
*Error in analysis (% ± 5) 
3.4.2.3 Effect on average lignin molecular weights 
Table 3.11 shows average lignin molecular weights and polydispersity index 
(Mw/Mn). Lignin molecular weights depend on a number of factors including plant 
type, plant age, and processing methods. The lignin molecular weights obtained in 
this study were in the range of eucalyptus wood lignins obtained from different 
processes (Tolbert et al., 2014). The Mn of TOL was higher (6.9%) than that of OL 
due to the removal of a higher proportion of lignin fractions with smaller molecular 
weights. The purification process slightly decreased the polydispersity index from 
2.1 to 2.0. Nevertheless, the polydispersity index was still much higher than 1.0, 
indicating that the TOL lignins can be further fractionated to produce lignin 
fragments with similar molecular weights for use in the synthesis of polymers 
(Mansouri & Salvadó, 2006). 
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Table 3.11. Average molecular weights of OL and TOL. 
Lignin Mw (g/mol) Mn (g/mol) Mw/Mn 
OL 10940 5163 2.1 
TOL 10988 5518 2.0 
 
The molecular weights of these lignins are significantly higher than those 
reported by others for eucalyptus lignin. Xu and co-workers obtained Mn between 
1360 and 2465, and Mw between 1395 and 3050, in which the eucalyptus biomass 
was treated with ionic liquids and alkaline ethanol (Xu et al., 2015). Using a 
dioxane/water mixture as the extraction process, Evtuguin et al. obtained a lignin Mn 
of 2180 (Evtuguin et al., 2001). Therefore as expected, the type of the pretreatment 
process has a significant impact on the lignin molecular weight. 
3.4.2.4 XPS analysis 
The surface composition of the OL and TOL was also evaluated using XPS. The 
survey scan peaks were assigned to different bond linkages (Nzokou & Kamdem, 
2005) and the results are summarized in Table 3.12, which shows that carbon and 
oxygen are the main components while ~1% sulfur (S2pSO4) was detected in OL, 
consistent with the results in Table 3.8.  
Table 3.12. XPS results of OL and TOL. 
Linkage 
OL TOL   OL TOL 
Binding energy (eV)   Atomic % 
C–O (O1) 531.7 531.8  0.9 1.4 
O–C=O (O2)  533.3 533.5  26.4 23.7 
C–C or/and C–H (C1) 284.5 284.5  33.1 34.2 
C–O (C2) 286.6 286.5  32.5 34.5 
C=O or/and O–C–O (C3) 288.0 287.5  6.2 6.2 
S2pSO4 169.7  -   1.1 -  
The C–C (and C–H, C1) linkages and C–O (C2) linkages were the major bonds 
(each accounting for 32.5–34.5 of atomic %), followed by the O–C–O (O2) linkages 
(23.7–26.4 of atomic %). The O=C content increased from 0.9% to 1.4%, most likely 
indicating the presence of MIBK associated with OL. The reduction O–C–O from 
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26.4% to 23.7% is due to the removal of carbohydrates, while in the increases C–C 
(and C–H, C1) and C–O (C2) are likely due increase in lignin content as a result of 
the removal of non-lignin impurities. 
3.4.2.5 FT-IR spectra  
The FT-IR spectra of these two lignins were very similar and showed similar 
trends, so subtle differences were obtained from the subtraction spectra (Figure 
3.10). The subtraction spectra (i.e., the FT-IR spectra of normalized OL – those of 
TOL) showed increases (i.e., negative peaks below) in peak intensities for the 
regions 3690 – 3030 cm-1 and 2960 – 2820 cm-1 associated with phenolic hydroxyl 
groups and the C–H stretching in aromatic methoxyl groups, methyl or methylene 
groups of the side chains. These results suggest that the alkali-acid purification 
process may have resulted in some cleavage of β-O-4 linkages resulting in the 
formation of lignin subunits. The small negative peak at 1715 – 1690 cm-1 is related 
to C=O stretching in unconjugated ketones and conjugated carboxylic groups. The 
negative peaks of 1605 cm-1, 1515 cm-1, and 1440 cm-1 are related to the 
characteristic vibrations for aromatic structures in lignin clearly indicating an 
increase in lignin purity as a consequence of treatment (Chandel et al., 2013; El Hage 
et al., 2009; Labbe et al., 2005; Moghaddam et al., 2014; Sun, Li, et al., 2013). 
 
Figure 3.10. Subtracted FT-IR spectra (Normalized spectra of OL – those 
of TOL). 
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The positive peak regions of 1160 – 1140 cm-1 and 1060 – 1030 cm-1 are 
associated with C–O stretching vibration in cellulose and hemicelluloses, indicating 
that OL lignin contained higher amounts of carbohydrates, which was consistent with 
lignin biomass composition results in Table 3.9.  
3.4.2.6 13C NMR spectra 
The OL and TOL samples were investigated by solid-state 13C NMR, and 
structural characteristics determined are shown in Figure 3.11 and Table 3.13. The 
spectra of these samples can be divided into three regions; the aliphatic region (22 – 
86 ppm), the aromatic region (106 – 153 ppm), and the carbonyl region (166 – 192 
ppm) (Almendros et al., 1992; Sharma et al., 2004). As occurred with the FT-IR 
spectra, the NMR profiles were similar between the OL and TOL samples, indicating 
a similar lignin composition. However, as in FT-IR, there were some minor 
variations in the intensities of some peaks (Figure 3.11). The peak at 128 ppm, 
assigned to p-hydroxyphenyl units, was present as a sharp peak in the TOL sample 
but as a broader peak in the OL sample. The broader peak may indicate close 
association with other groups with similar shift value, as is the case of proteins, 
which are present in significant amounts in OL but are removed from the TOL 
sample after purification. The peak at 22 ppm is related to CH3 groups in acetylated 
xylans, which was slightly higher in the OL sample due to a higher proportion of 
xylan impurity. 
 
Figure 3.11. 13C CPMAS NMR spectra of OL and TOL. 
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3.4.2.7 Analysis by Py-GC/MS 
The pyrograms of the OL and TOL lignin samples are shown in Figure 3.12 and 
the identities and relative molar abundances of the lignin-derived compounds 
released are listed in Table 3.7. The pyrograms of both samples are rather similar 
indicating a similar lignin composition of OL and TOL, as already observed by FT-
IR and 13C-NMR. Both samples are enriched in S-lignin units (with S/G ratios 
around 1.9-2.0) and depleted in H-lignin units (~ 1%), as usually occurs in 
eucalyptus lignins (Prinsen et al., 2012; Rencoret et al., 2008). Finally, minor 
amounts of the 3-methoxycatechol (9) were also present, being slightly more 
abundant in OL than in TOL. This compound might have been formed during the OL 
isolation process by demethylation of S-units. The data indicate no major structural 
differences in the lignin polymer in OL and TOL samples, except for the increase of 
oxidized phenolic compounds released from the TOL sample (from 9.8 to 19.3%), 
which is in line with the higher oxygen content observed by elemental analysis 
(Table 3.8) and suggests oxidation during alkali-acid purification process. 
 
Figure 3.12. Py-GC/MS chromatograms of (a) OL and (b) TOL. 
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3.4.2.8 2D-NMR spectra 
Additional information regarding the structure of the OL and TOL lignins was 
obtained from 2D-NMR. The HSQC spectra of the OL and TOL are presented in 
Figure 3.13. The main lignin cross-signals were assigned in Table 3.4, while the 
main lignin structures found are also depicted in Figure 3.13. The detailed 2D-NMR 
characteristic of the lignins from eucalyptus wood has been described previously 
(Rencoret et al., 2008), which are composed mainly of β–O–4' alkyl-aryl ethers, β–β 
resinols and with minor amounts of β–5' phenylcoumarans. However, the only lignin 
inter-unit linkages observed in the OL and TOL lignin samples were β–β resinol 
structures (C), while basically no β–O–4' alkyl-aryl ethers nor β–5' phenylcoumaran 
structures could be detected. This indicates that the native eucalyptus lignin has been 
completely hydrolysed during the OL isolation process. In the aromatic region, a 
strong signal for C2,6-H2,6 correlations of syringyl units (S), together with a signal for 
the C2,6-H2,6 correlations of Cα- oxidized syringyl units (Sʹ) and a signal ascribed to 
the C5-H5 and C6-H6 correlations of guaiacyl units (G) were observed. In general 
terms, the HSQC spectra of OL and TOL were almost identical, which indicates that 
both lignin samples present a similar lignin structure and that the alkali-acid 
precipitation process did not produce any major effect in the lignin structure, as 
already observed by other analytical techniques, including Py-GC/MS. However, and 
in contrast to what was observed by Py-GC/MS, the HSQC spectra did not show any 
evidence for lignin oxidation in the TOL sample, probably because the slightly 
oxidation is below the detection limit of the technique. 
The results obtained with 2D-NMR further confirm that the solvent used in lignin 
isolation greatly influences the type of lignin substructures and the type of linkages. 
In a previously reported study the presence of additional lignin substructures of the 
types A (β-ether structure formed by β–O–4' linkages), B (resinol structure including 
β–β'), D (spirodienone structures including β–1') and F (Cα- oxidized β–O–4' 
structure) units when dioxane/water (9:1, v/v) mixture was used in the lignin 
isolation process (Rencoret et al., 2015). In another study on eucalyptus lignin 
isolated by a dioxane/water (9:1, v/v) mixture containing 0.2 M hydrogen chloride, 
only A, B and C substructures were identified. The use of imidazolium ionic liquids 
and NaOH isolation procedure were found to produce in addition as those 
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substructures identified in the present study, A, and B lignin substructures (Aguayo 
et al., 2015). 
On the basis of the type of lignin substructures isolated in the present study with 
the MIBK/water mixture in the presence of dilute acid, it is therefore not surprising 
that the work conducted by the authors on the depolymerisation of the lignin 
produced syringol in high yields (Klamrassamee, Laosiripojana, Cronin, et al., 2015; 
Klamrassamee, Laosiripojana, Faungnawakij, et al., 2015). 
 
Figure 3.13. 2D HSQC NMR spectra of (a) OL, and (b) TOL.  
In summary, organosolv lignin was treated by alkali-acid precipitation process, 
which improved its purity and enhanced its solubility in several organic solvents. The 
lignin composition remained largely unchanged after purification, although a 
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sample, suggesting some lignin oxidation during alkali-acid purification process. The 
outcome of the study raises the question whether the MIBK/methanol/water system 
is a suitable pretreatment option of lignocellulosics as most of the lignin 
substructures are absent. 
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Chapter 4: Hydrothermal Liquefaction of 
Cellulosic Stillage to Chemicals 
4.1 INTRODUCTION 
It is estimated that approximately 442 billion L/year bioethanol can be 
produced from about 1.5 billion t/year of dry lignocellulosic biomass generated from 
the agricultural industry (Kim & Dale, 2004). As large amounts of stillage are 
generated during the ethanol producing process, stillage utilization and treatment will 
become an important environmental and economic issue (Haandel & Catunda, 1994). 
Lignocellulosic ethanol stillage contains high proportions of cellulose and lignin, 
which are considered to have great potential to produce value-added chemicals and 
fuels. 
This chapter details the results of HTL studies conducted to convert bagasse 
and eucalyptus derived cellulosic ethanol stillage to chemicals. HTL is a wet thermal 
conversion process, which is generally performed at lower temperature with water or 
other organic solvent than pyrolysis but higher pressures (Zhu et al., 2015). Thus, it 
can reduce the drying cost of stillage, which contains up to 90% water before use 
(Kumar, 2013). The influence of stillage type, alkaline type and concentration, 
solvent, pH and solid to liquid ratio on oil yield and phenolic monomers distribution 
were investigated and the reaction conditions were partially optimized in this study. 
4.2 MATERIALS AND METHODS 
4.2.1 Materials 
The raw material, sugarcane bagasse was collected from Racecourse Sugar 
Mill (Mackay Sugar Limited) in Mackay, Australia and air dried and passed through 
the sieve having an aperture size of 1.0 cm to remove the pith (Moghaddam et al., 
2014). Another raw material eucalyptus trash was sourced from a commercial 
plantation located in the Northern Rivers region, Australia (McIntosh et al., 2016). 
The eucalyptus trash was chipped to a size of around 2-5 cm and air dried. Both 
cellulosic materials were processed to ethanol at the Mackay Renewable 
Biocommodities Pilot Plant (MRBPP), Mackay, Queensland, Australia. Sugarcane 
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bagasse fermentation stillage and eucalyptus fermentation stillage were collected 
from the end of the typical ethanol fermentation process which included acid 
pretreatment of the biomass, enzymatic hydrolysis, fermentation and distillation. 
Details of the process are provided in Appendix A.  
Potassium carbonate (K2CO3), potassium phosphate (K3PO4), sodium 
hydroxide (NaOH) and sodium carbonate (Na2CO3) were analytical grade and 
purchased from Sigma Aldrich. Hydrochloric acid (37%), sulfuric acid (98%) 
ethanol, acetone, isopropanol, ethylene glycol and diethyl ether were analytical grade 
and purchased from Chem Supply. Phenol, guaiacol, syringol, catechol, 4-
ethylphenol, 3-methoxycatechol, 4-methylcatechol and 4-ethylcatechol were 
chromatography grade and purchased from Sigma Aldrich. Palladium on activated 
carbon (Pd content, 10 wt%) was obtained from Sigma Aldrich. 
4.2.2 Experimental methods 
4.2.2.1 Hydrothermal liquefaction 
A typical hydrothermal liquefaction experiment was carried out by mixing 
about 3.42 g wet bagasse stillage (equal to 1 g dry organic mass) with 7.74 mL 
deionized water (solid/liquid ratio of 1:10) with the addition of K2CO3 (0.25 g) and 
Pd/C (0.02 g) catalysts in a small glass beaker and stirred for 15-20 min. Then the 
reactant mixture was loaded in 316-stainless steel tube reactor of 15 mm internal 
diameter (1.2 mm wall thickness) and 200 mm length with maximum volume of 25 
mL. Experiments were conducted within a fluidized sand bath (SBL-2D, Techne 
Inc., Burlington, NJ) at the temperature 300 °C and reaction time of 60 min. The 
heating time took ~10 min and the reaction time was counted immediately when the 
temperature of reactor was reached 300 °C after placed into the sand bath. At the end 
of the reaction, the reactors were rapidly quenched in cold water to stop the reaction.  
4.2.2.2 HTL product separation method 
The product mixture was fractionated using a separation method as illustrated 
in Figure 4.1. In the first step, the solid and liquid products were transferred to 50 mL 
tubes and centrifuged at 3800 rpm for 5 min by Eppendorf Centrifuge 5810. The 
centrate was removed and the solid phase was washed with diethyl ether to dissolve 
the lower molecular weight organic products and further centrifuged at 3800 rpm for 
5 min. The diethyl ether supernatant was collected. Diethyl ether insoluble solid 
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residue was further washed with acetone to collect the higher molecular weight 
organic products. The acetone washed solid residue was vacuum dried at 45 °C for 
48 h and stored for analysis. 
Following reaction and first solid/liquid separation, the liquid phase was 
acidified with 16% HCl to pH 3, followed by extraction of the lower molecular 
weight organic products by diethyl ether. The aqueous phase after diethyl ether 
extraction was collected for analysis. This diethyl ether extraction solution was 
mixed with the diethyl ether supernatant from solid processing. A portion of diethyl 
ether fraction and acetone fraction were air dried to measure the dry weight of total 
oil yield and was analysed by GC/MS to identify and quantify the phenolic 
monomers yield. 
The water fraction samples were freeze-dried and processed for GC/MS 
analysis. Briefly, 10 mL of water fraction in a sealed 50 mL Falcon centrifuge tube 
was rapidly frozen in liquid nitrogen, followed by freeze-drying under vacuum for 
about 48 h to completely remove water. Afterwards, 2 mL ethanol was added to 
dissolve the residues. The ethanol solution was filtered and transferred to GC/MS 
vials for analysis. 
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Figure 4.1. Diagram of product separation after HTL of bagasse 
fermentation stillage. 
4.2.2.3 Oil and solid residue yield 
Yields of the total oil and solid residue from HTL experiments, expressed as % 
(w/w), were calculated based on the initial dry organic mass (WDry organic) as follows:  %𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇 𝑇𝑇𝑜𝑜𝑇𝑇 𝑦𝑦𝑜𝑜𝑦𝑦𝑇𝑇𝑦𝑦 = 𝑊𝑊𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇𝑇 𝑇𝑇𝑜𝑜𝑇𝑇
𝑊𝑊𝐷𝐷𝐷𝐷𝐷𝐷 𝑇𝑇𝐷𝐷𝑜𝑜𝑇𝑇𝑜𝑜𝑜𝑜𝑜𝑜 × 100 
%𝑆𝑆𝑇𝑇𝑇𝑇𝑜𝑜𝑦𝑦 𝑟𝑟𝑦𝑦𝑟𝑟𝑜𝑜𝑦𝑦𝑟𝑟𝑦𝑦 𝑦𝑦𝑜𝑜𝑦𝑦𝑇𝑇𝑦𝑦 = 𝑊𝑊𝑆𝑆𝑇𝑇𝑇𝑇𝑜𝑜𝑆𝑆 𝐷𝐷𝑟𝑟𝑟𝑟𝑜𝑜𝑆𝑆𝑟𝑟𝑟𝑟
𝑊𝑊𝐷𝐷𝐷𝐷𝐷𝐷 𝑇𝑇𝐷𝐷𝑜𝑜𝑇𝑇𝑜𝑜𝑜𝑜𝑜𝑜 × 100 
%𝑃𝑃ℎ𝑦𝑦𝑒𝑒𝑇𝑇𝑇𝑇𝑜𝑜𝑒𝑒 𝑚𝑚𝑇𝑇𝑒𝑒𝑇𝑇𝑚𝑚𝑦𝑦𝑟𝑟 𝑦𝑦𝑜𝑜𝑦𝑦𝑇𝑇𝑦𝑦 = 𝑊𝑊𝑃𝑃ℎ𝑟𝑟𝑜𝑜𝑇𝑇𝑇𝑇𝑜𝑜𝑜𝑜
𝑊𝑊𝐷𝐷𝐷𝐷𝐷𝐷 𝑇𝑇𝐷𝐷𝑜𝑜𝑇𝑇𝑜𝑜𝑜𝑜𝑜𝑜 × 100 
where WTotal oil is the air dried weight of acetone fraction and diethyl ether fraction, 
WSolid residue is the 45 °C vacuum dried weight of solid residue (Figure 4.1), Wphenolic is 
calculated based on GC/MS peak area.  
  
Chapter 4: Hydrothermal Liquefaction of Cellulosic Stillage to Chemicals 63 
The differences between triplicate results were <0.2% for total oil yield, <0.6% 
for solid residue yield and <0.3% for total phenolic monomers yield. 
4.2.3 Analytical methods 
4.2.3.1 Characterisation of the stillage 
The wet bagasse and eucalyptus stillage were separated to the solid and the 
liquid phases by filtration, and stored at -4 oC prior to use. The solid residue was 
washed with plenty of distilled water and then vacuum dried at 45 °C for 48 h. The 
dried solid residue was milled and passed through a 1.0 mm sieve. Subsamples of 
wet stillage were dried overnight at 105 °C to constant weight to determine moisture 
content prior to biomass composition analysis, elemental analysis and ATR-FTIR 
analysis of the milled stillage (details are provided in section 3.2.3), higher heating 
value (HHV) of stillage was calculated based on the C, H, O and N contents. 
4.2.3.2 Products analysis of HTL of stillage  
The organic/oil phase samples were analysed by GC/MS using an Agilent 6890 
series gas chromatograph and a HP 5973 mass spectrometer detector. The carrier gas 
was helium. The installed column was a HP-1; cross-linked methyl siloxane, 25 × 
0.32 mm × 0.17 μm. The temperature program was set to 90 °C and subsequently 
heated to 320°C at a rate of 5 °C/min, and then held for 5 min. Compounds were 
identified by means of the Wiley library HP G1035A and NIST library of mass 
spectra and subsets HP G1033A. The water fraction was freeze-dried and dissolved 
in ethanol for the GC/MS analysis. The GC/MS conditions were similar as those 
used for the oil fraction. 
Air-dried organic phase (40-50 mg) from HTL of stillage experiments were 
dissolved in 1 mL DMSO-d6, filtered and transferred to an NMR tube (a diameter of 
5 mm). The experiment conditions of 1H NMR and Py-GC/MS analyses were similar 
to those described in section 3.2.3 for lignin. 
4.3 RESULTS AND DISCUSSION 
4.3.1 Biomass characterization 
Stillage compositions are shown in Table 4.1. The total dry solids contents are 
10.5% for bagasse stillage and 11.4% for eucalyptus stillage. The main components 
 64 Chapter 4: Hydrothermal Liquefaction of Cellulosic Stillage to Chemicals 
of the solid stillage are cellulose, hemicellulose, lignin and ash. Bagasse stillage 
contains less cellulose (34.5%) and lignin (42.8%) compared to eucalyptus stillage 
(43.0% cellulose and 52.7% lignin) due to the higher ash content. The higher ash 
content of bagasse stillage was possibly due to the inclusion of minerals from soils 
during sugarcane harvesting. The liquid/thin stillage contains lactic acid, acetic acid, 
glycerol, ethanol, glucan, xylan and arabinan (Table 4.2). Bagasse thin stillage 
contains much higher amount of xylan (6.4 g/L) than eucalyptus thin stillage (1.7 
g/L) due to the higher hemicellulose content in bagasse (Alves et al., 2010). 
However, significantly higher content of ethanol (3.1 g/L) in eucalyptus thin stillage 
indicates that the distillation efficiency for eucalyptus ethanol production is low, and 
more severe contamination of bacteria during fermentation process possibly caused 
the higher lactic acid content (2.2 g/L) in the eucalyptus thin stillage. 
Table 4.1. Biomass composition analysis of the solid bagasse stillage and solid 
eucalyptus stillage. 
 
Solid 
content 
(%) 
Liquid 
content 
(%) 
Biomass composition content (%) 
Glucan Xylan Lignin Ash 
Bagasse stillage 10.5 89.5 34.5 3.3 42.8 14.0 
Eucalyptus stillage 11.4 88.6 43.0 1.3 52.7 0.4 
Table 4.2. Biomass composition analysis of the liquid bagasse stillage and liquid 
eucalyptus stillage. 
 
Biomass composition content (g/L) 
Xylan  Glycerol Acetic 
acid 
Ethanol Lactic 
acid  
Arabinan Glucan 
Bagasse stillage 6.4  2.1 1.4 1.4 1.3  0.2 0.1 
Eucalyptus 
stillage 
1.7 2.0 1.1 3.1 2.2 0 0.1 
Table 4.3 shows the elemental analysis results of the stillages. The data show 
that the nitrogen content of bagasse stillage is higher than that of eucalyptus stillage, 
largely due to the higher protein/nitrogen content in bagasse itself and more yeast 
(protein) was produced during ethanol production from bagasse. Bagasse stillage 
contains relatively higher ash content than eucalyptus stillage (Table 4.1), though 
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eucalyptus stillage has higher carbon, hydrogen and oxygen contents. The higher 
heating value (HHV) of eucalyptus stillage is 20.24 MK/Kg, while that of bagasse 
stillage is 18.13 MK/Kg (Friedl et al., 2005). 
Table 4.3. Elemental composition analysis of bagasse fermentation stillage and 
eucalyptus fermentation stillage. 
Sample N (%) C (%) H (%) S (%) O (%) HHV (MJ/kg) 
Bagasse 
stillage 
0.81 43.33 5.24 0.00 33.37 18.13 
Eucalyptus 
stillage 
0.52 50.28 5.69 0.00 39.43 20.24 
The FT-IR spectra of the two stillage samples are presented in Figure 4.2, and 
assignments of FT-IR spectra peaks were summarized in Table 4.3 according to 
reported literature (Faix, 1991; Moghaddam et al., 2014; Wen et al., 2012). The FT-
IR spectra were normalized at the wavenumber of 1030 cm-1 to compare the 
differences of functional groups and structural fragments between bagasse stillage 
and eucalyptus stillage. The peak for the O-H stretch of phenolic and aliphatic 
hydroxyl group occurs at 3330 cm-1; the absorbance peak at 2937, 2898 and 2848 
cm-1 reveals C-H stretching of aromatic methoxyl and methyl groups of aliphatic side 
chains. 
 
Figure 4.2. FT-IR spectra of bagasse fermentation stillage (BS) and 
eucalyptus fermentation stillage (ES). 
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Aromatic C=C stretching peaks of aromatic skeletal vibrations are located at 
1603, 1512 and 1423 cm-1; the peak at 1454 cm-1 is attributed to C-H bending 
vibrations in methyl groups (Zhao et al., 2014); the 1325 cm-1 peak is assigned to C-
H bending of syringyl and condensed guaiacyl units; the 1215 cm-1 peak is related to 
C-O stretching of alkyl aryl ether and vinyl ethers; around 1157 and 1107 cm-1 the 
peaks are the C-O stretching of G, S, H lignin units and secondary or tertiary 
alcohols; the most obvious peak around 1030 cm-1 is C-O or C-O-C bond vibration 
of cellulose and hemicellulose in stillage; the 909 cm-1 peak is likely due to the β-
glucosidic linkage in cellulose and hemicellulose; the peak at 831 cm-1 is assigned to 
C-H out of plane bending of H units. 
Table 4.4. Assignments of FT-IR spectra peaks related to functional groups of 
bagasse stillage and eucalyptus stillage (Faix, 1991; Moghaddam et al., 
2014; Wen et al., 2012). 
Wavenumber 
(cm-1) 
Functional group Class of component in stillage 
3330 O-H stretching Phenolic O-H, aliphatic O-H, water 
2937, 2898, 2848 C-H stretching Aromatic methoxy, aliphatic methyl 
1603, 1512, 1423 Aromatic C=C stretching Aromatic skeletal vibrations 
1454 C-H stretching Methyl bending  
1325 C-H bending Syringyl and condensed guaiacyl 
1215 C-O stretching Alkyl aryl ether, vinyl ethers 
1157 C-O stretching HGS lignin, tertiary alcohol, ester 
1107 C-O stretching GS lignin, secondary alcohol, aliphatic ether 
1030 C-O or C-O-C Cellulose, hemicellulose, lignin (C-O only) 
909 β-glucosidic linkage in cellulose and hemicellulose 
831 C-H out of plane H units 
In comparing the two types of stillage, the higher relative absorbance peaks 
indicate that eucalyptus stillage clearly contains higher proportion of hydroxyl 
groups, syringyl and condensed guaiacyl units, while bagasse stillage might have 
higher percentage of methoxyl and methyl groups, and H units. These functional 
groups and structure analysis results provide good agreement with Py-GC/MS results 
of lignins extracted from bagasse and eucalyptus respectively (Klamrassamee et al., 
2016; Tana et al., 2016), which also indicated that the entire processing process 
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(pretreatment, hydrolysis, fermentation and distillation) did not cause significant 
changes in the relative abundance of lignin subunits. 
4.3.2 Influence of pH of reaction mixture 
Many studies have shown that the solution pH is critical to HTL of biomass, 
and the reaction mechanisms depend, in part, on solution pH. In this study, HTL was 
conducted at acidic (pH 3), neutral (pH 7) and alkaline (pH 11) conditions. The 
reaction mixture of pH 11 was prepared by adding 7.74 mL 1M K2CO3 solution, and 
the solution of pH 7 and 3 were adjusted by adding minor amounts of 1M K2CO3 or 
HCl solution, respectively. Other reaction conditions were kept the same (300 °C, 60 
min). Figure 4.3 shows the total oil yield and solid residue obtained from HTL of 
bagasse stillage under the three different pH conditions. HTL of bagasse stillage at 
initial pHs of 7 and 11 led to oil yields of 34.0% and 33.1%, respectively, much 
higher than 21.3% achieved at pH 3. Meanwhile, HTL at initial pHs of 7 and 11 
resulted in yields of solid residues, 29.9% and 27.6%, respectively, much lower than 
45.8% achieved at pH 3. These results are in line with previous reports. Liu et al. 
conducted hydrothermal conversion of walnut shells  in the presence of hydrochloric 
acid and increased HCl concentration resulted in a decrease in total biomass 
conversion (Liu et al., 2006). It is also found that treatment of lignin under acidic 
conditions typically led to substantial amounts of insoluble material and low 
monomer yields, due to the repolymerization and self-condensation by forming 
radicals and/or C-C bond (Adler, 1977; Deuss et al., 2015; Li et al., 2012). 
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Figure 4.3. Total yields of oil and solid residue from HTL of bagasse 
stillage at different pH. 
Initial pH also influenced the phenolic monomers yield and selectivity of HTL 
of bagasse stillage as shown in Figure 4.4. The highest yield of phenolic monomers, 
up to 11.1%, was achieved at an initial pH 11 while the yields were only 6.7% and 
4.8% at pH 7 and 3, respectively. The main phenolic monomers include phenol, 4-
ethylphenol, guaiacol, syringol, catechol, 3-methoxycatechol, 4-methylcatechol and 
4-ethylcatechol. The product distributions are similar in acidic and neutral 
conditions, with the dominant product phenol. Catechol content increased 
significantly to 5.4 % when initial pH was increased to 11. Another important 
compound, syringol, less than 2% yield were achieved at pH 7 and 3, was even 
absent in alkali conditions. These results are in good agreement with previous 
studies. Wahyudiono et al. found that HTL of pure lignin at 400°C for 180 min led to 
the production of catechol, phenols, and cresols as main components, due to the 
secondary hydrolysis of methoxy groups (Wahyudiono et al., 2007). Other 
researchers found that under alkaline conditions, several phenol derivatives such as 
2-methoxy-phenol, 3,4-dimethoxy-phenol and 1,2-benzenediol were most likely 
produced by base-catalyzed lignin depolymerisation followed by hydrolysis of 
methoxy groups (Liu et al., 2006; Toor et al., 2011). During hydrothermal 
degradation of biomass, various phenols and methoxy phenols are formed by 
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hydrolysis of ether-bonds. These products can be further hydrolysed to catechols 
under alkaline conditions. 
 
Figure 4.4. Phenolic monomers yield of HTL of bagasse stillage at 
different pH. 
4.3.3 Influence of catalyst and concentration 
Several alkaline catalysts, including K2CO3, K3PO4, NaOH and Na2CO3 were 
tested for the bagasse stillage liquefaction.  The total oil yields and phenolic 
monomers yields based on GC/MS calibration are provided in Table 4.4. It can be 
seen that bagasse stillage was effectively liquefied with all the base catalysts, and 
only 14%-21% solids remained after liquefaction in 60 min at 300 °C (Table 4.4). 
However, the total oil yield and products distribution varies depending on different 
alkalis. Liquefaction with K2CO3 led to the highest total yield of oil (37.1%) and 
phenolic monomers (18.0%). Interestingly, liquefaction with K3PO4 resulted in the 
second highest total oil yield of 36.0%, but the lowest phenolic monomers yield of 
13.5%, which may be related to the highest yield of total solid residue. Liquefaction 
with sodium bases led to relatively lower total yields of oils and solid residues. In 
terms of phenolic monomers, the highest yields of phenols, guaiacol and syringol 
were achieved with K2CO3 while the highest yield of catechols was obtained with 
NaOH. Since the HTL conversion to phenolic monomers was the primary research 
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interest and the highest total yield of phenolic monomers was achieved with K2CO3, 
further optimisation experiments were conducted with K2CO3.  
The effect of K2CO3 loading on total yields of oils and phenolic monomers was 
determined by conducting a series of HTL experiments utilizing K2CO3 solution with 
concentrations of 2.5 wt%, 5 wt%, 10 wt% and 20 wt% catalyst. As shown in Table 
4.6, increasing K2CO3 loading from 2.5 wt% to 10 wt% led to the reduction in the 
total yields of oil and phenolic monomers but an increase in the yield of solid 
residue. Further increase in K2CO3 loading to 20 wt% resulted in slight increase in 
the total yield of phenolic monomers but significant increase in solid residue. 
Regarding the single phenolic monomers, the results show that the yields of phenols, 
guaiacol and syringol were negatively affected by increasing K2CO3 loading, but the 
yield of phenols increased slightly at the K2CO3 loading of 20 wt%. The effect of 
K2CO3 loading on catechols was not obvious and the highest yield of catchols was 
achieved with 5 wt% K2CO3. Again, methoxy phenols likely convert to catechols by 
secondary hydrolysis in higher pH value or higher alkaline concentration. The result 
shows that higher base concentrations have negative impacts on oil yields and 
change the product selectivity.   
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Table 4.5. Effect of alkaline type on the yields of oil and phenolic monomers at 300 °C for 1ha 
 a Reaction conditions: 3.42 g of wet bagasse fermentation stillage (1 g of dry organics), 20 mg of Pd/C as catalyst, 10 mL water as solvent, 0.25 
g of base, initial pH is 11, reaction temperature is 300 °C and reaction time is 60 min. 
Table 4.6. Effect of alkaline concentration on the yields of oil and phenolic monomers at 300 °C for 1ha 
Alkaline 
concentration 
Total oil 
yield (%) 
Total solid 
residue (%) 
Phenolic monomers yield (%) Total phenolic monomers 
yield (%)    Phenols Guaiacol Syringol Catechols 
2.5 wt% 37.1 19.7 7.8 2.3 2.5 5.5 18.0 
5 wt% 34.0 21.1 5.2 1.2 0.3 6.3 13.0 
10 wt% 31.6 27.5 4.4 0.4 0.0 5.5 10.3 
20 wt% 34.6 36.5 5.3 0.2 0.0 5.9 11.4 
a Reaction conditions: 3.42 g of wet bagasse fermentation stillage (1 g of dry organics), 20 mg of Pd/C as catalyst, 10 mL water as solvent, initial 
pH is 11, reaction temperature is 300 °C and reaction time is 60 min.  
Alkaline type 
Total oil 
yield (%) 
Total solid 
residue (%) 
Phenolic monomers yield (%) Total phenolic 
monomers yield (%)    Phenols Guaiacol Syringol Catechols 
K2CO3 37.1 19.7 7. 8 2.3 2.5 5.5 18.0 
NaOH 34.4 14.2 7.5 1.9 1.0 6.2 16.6 
Na2CO3 31.1 17.9 6.3 1.9 1.6 5.6 15.3 
K3PO4 36.0 21.1 5.9 1.7 2.3 3.7 13.5 
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4.3.4 Influence of solvent 
The use of alcohol-water solvent mixture has been reported to limit diffusion 
effects in lignin depolymerisation since lignin shows high solubility in polar organic 
solvents (Deepa & Dhepe, 2014; Klamrassamee, Laosiripojana, Cronin, et al., 2015). 
To investigate the influence of solvent on oil yield and product selectivity, HTLs of 
bagasse stillage were conducted using water, ethanol-water, isopropanol (IPA)-water 
and ethylene glycol (EG)-water. The volume ratio of alcohol/water in all tests was 
50/50, the other reaction conditions were kept the same (20mg of Pd/C, 300 °C, 60 
min). As shown in Figure 4.5, liquefaction with alcohol-water solvents result in 
higher oil yield and lower solid residue yields compared to pure water as solvent. 
Among the three types of alcohol-water solvents, the highest yield of oil (54.9%) and 
lowest yield of solid residue (23.6%) were achieved with ethanol-water solvent.  
 
Figure 4.5. Total oil yield and solid residue yield of HTL of bagasse stillage 
at 300 °C for 1h. 
The relative abundance of phenolic monomers observed in HTL of bagasse 
stillage with different alcohol-water solvent are presented in Table 4.7 based on the 
GC-MS area. Interestingly, ethanol-water solution produced a significantly different 
product profile compared to the other three solvent solutions. For example, 2-methyl-
benzyl alcohol, catechols and phenols were abundant with ethanol-water solvent, 
while guaiacols and syringol were missing. In contrast, guaiacol and syringol were 
  
Chapter 4: Hydrothermal Liquefaction of Cellulosic Stillage to Chemicals 73 
the most abundant phenolic monomers in water, IPA-water and EG-water solvents 
based on the GC/MS peak area. 
Table 4.7. Effect of solvent type on the phenolic monomers selectivity of HTL of 
bagasse stillage 
Water Ethanol-Water 
Area Pct. (%) Components Area Pct. (%) Components 
16.50 Guaiacol 17.89 2-Methylbenzyl alcohol 
14.85 Phenol 10.86 4-Ethylphenol 
14.43 Syringol 7.15 Benzyl alcohol 
11.04 3-Methoxycatechol 6.78 4-Ethylcatechol 
5.55 Catechol 6.59 Phenol 
5.27 4-Ethylphenol,  3.03 4-Ethylguaiacol 
2.77 4-Ethylguaiacol 2.95 3-Methyl-4-isopropylphenol 
2.49 1,2,3-trimethoxy-5-methyl- 
Benzene 
2.87 2-Hexenoic acid 
2.18 4-Ethylcatechol 2.54 2-Ethylphenol, methyl ether 
2.15 5-tert-Butylpyrogallol 2.19 (E)-3-Hexenoic acid 
1.67 1-(2,4,6-trihydroxyphenyl)- 
Ethanone, 
1.97 4-Ethyl-3-methyl-phenol 
1.20 Creosol 1.87 Creosol 
1.19 3,4-Dimethoxyphenol,  1.68 2-Butenyl-benzene,  
1.18 2-Methylcatechol  1.32 6,7-Dimethoxyquinoxaline 
1.06 4-Methylcatechol 1.13 m-Tolylacetic acid 
Isopropanol-Water Ethylene glycol-Water 
Area Pct. (%) Components Area Pct. (%) Components 
12.20 Guaiacol 9.06 Phenol 
10.62 Phenol 8.56 Guaiacol 
9.72 Syringol 6.51 Syringol 
5.92 3-Methoxycatechol 6.19 2-Ethylphenol, 
5.32 4-Ethylphenol,  5.04 3-Methoxycatechol 
3.98 Catechol 4.21 Catechol 
3.58 4-Ethylguaiacol 3.60 4-Ethylguaiachol 
2.98 5-tert-Butylpyrogallol 2.49 4-Ethylcatechol 
2.22 4-Ethylcatechol 2.14 Creosol 
2.10 Creosol 1.59 3-Methyl-2-cyclopentenone 
2.02 5-tert-Butylpyrogallol 1.39 2-Methylphenol,  
1.80 2-Methylphenol 1.35 Flopropione 
1.47 2-Methyl-2-cyclopentenone 1.33 3,4-Dimethoxyphenol 
1.35 4-Methylcatechol 1.27 4-(2-hydroxyethoxy)-2-methoxy-
phenol  
1.10 2-Ethylphenol,  1.21 4-Methylcatechol  
1.05 3,4-Dimethoxyphenol  1.12 Butylthiobenzene 
  1.08 Phenylethyl Alcohol 
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4.3.5 Influence of solid to liquid ratio 
The effects of solid/liquid ratio on stillage liquefaction were investigated by 
conducting the reactions at various solid/liquid ratios in the range of 1/5 to 1/20 
using water as solvent. The detailed experimental conditions and total oil yield are 
given in Table 4.8. The results illustrate that biomass/solvent ratio had no obvious 
effect on total oil yields, while the highest solid/liquid ratio (1/5) results in relatively 
higher solid residue (26.72%) (Table 4.6). Cheng et al. (2008) also reported similar 
results on liquefaction of woody biomass at various biomass/solvent ratios, that 
lower bio-oil yield and higher solid residue were obtained when biomass/solvent 
ratio increased to 1/5. The higher solid/liquid ratio may restrict the hydrolysis of the 
biomass (Xu & Lancaster, 2008)  or lead to formation of char by condensation 
reactions of bio-oil intermediates (Cheng et al., 2010; Liu & Zhang, 2008). As a 
result, high solid/liquid ratio results in the high yield of solid residue. 
Table 4.8. Reaction conditions of HTL of bagasse stillage at different solid/liquid 
ratio. 
Ratio Dry mass (g) Water (mL) Total oil yield (%) Solid residue (%) 
1/20 0.5 10 36.3 22.6 
1/10 1 10 37.1 19.7 
1/5 1 5 36.0 26.7 
 
Figure 4.6 also illustrates that the product distribution varies with different 
solid/liquid ratios. The yields of total phenolics, phenols, guaiacol and catechols 
were the highest with the lowest biomass/solvent ratio 1/20. Up to 24.15% of 
phenolic product yields were achieved, and is significantly higher than that produced 
for the other two solid/liquid ratios. The higher phenolic monomers yield obtained at 
lower solid/liquid ratio indicate that a well-mixed suspension in the reactor was 
formed, and results in favourable mass and heat transfer conditions inside the reactor, 
hence, promoting the liquefaction of stillage (Cheng et al., 2010; Liu & Zhang, 
2008).  
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Figure 4.6. Total oil yield and phenolic monomers yield of HTL of bagasse 
stillage with different solid/liquid ratio. 
4.3.6 Influence of stillage type 
To investigate the influence of stillage type on phenolic products distribution, 
HTL of bagasse and eucalyptus stillage experiments were conducted under identical 
reaction conditions, and oil products extracted with the same methods. The oil 
extraction and water fraction were analysed by GC/MS and NMR. 
4.3.6.1 Chemical and structural analysis of oil extracts 
Table 4.9 shows the major phenolic monomers and their relatively abundance 
based on GC/MS peak areas. The GC/MS chromatograms of oil components are also 
shown in Figure 4.7.  
HTL of bagasse stillage produced significantly more phenol and alkyl phenols 
in terms of both relative abundance (Table 4.8) and absolute amount (Figure 4.7). 
For example 16.96% of phenol and 8.19% of 4-ethylphenol, account for 
approximately 25% of total phenolic monomer yield, while only trace amount of 
phenol products (<1%) were observed for eucalyptus stillage. In contrast, the relative 
abundances of guaiacol (19.42%), syringol (19.65%) and catechols (about 28%) 
following HTL of eucalyptus stillage were much higher than those from HTL of 
bagasse stillage (Table 4.8). 
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Table 4.9. Phenolic monomers products of HTL of bagasse stillage and 
eucalyptus stillage analysed Py GC-MSa. 
Retention time 
(min) Compounds name 
GC-MS Area (%) 
Bagasse stillage Eucalyptus stillage 
1.55 Phenol 16.7   0.9 
1.84 2,3-Dimethyl-2-cyclopentenone   0.4   0.7 
1.99 Cresol   0.7 - 
2.24 Guaiacol  16.7 19.4 
2.79 2-Ethylphenol   1.3   1.3 
3.20 4-Ethylphenol   8.2 - 
3.55 Creosol   2.0   2.8 
3.87 Catechol   5.6   8.0 
4.94 3-Methoxycatechol   9.8 16.1 
5.55 4-Ethylguaiacol   4.2   3.1 
6.39 4-Methylcatechol   2.2   3.7 
7.89 Syringol 10.6 19.7 
8.31 2-Methylcatechol   0.8 - 
8.52 3,4-Dimethoxyphenol   1.4   2.2 
9.11 4-Propylguaiacol   0.8   0.8 
10.96 4-Ethylcatechol   2.1 - 
11.11 Dihydrocaffeic acid -   1.5 
13.10 Acetophenone  0.8   1.7 
16.32 3,4,5-Trimethoxytoluene   3.2   4.5 
30.08 n-Hexadecanoic acid   1.2   0.9 
33.88 Oleic Acid   1.3   0.6 
45.48 Cis-13-Docosenamide   1.0 - 
Total  91.6 87.8 
a Reaction conditions: 3.42 g of wet bagasse stillage/ 3.07 g of wet eucalyptus stillage (1 g of dry 
organics), 20 mg of Pd/C, 10 mL water as solvent, 0.25 g of base, initial pH is 11, reaction 
temperature is 300 °C and reaction time is 60 min. 
The main differences in phenolic products distribution between these two 
stillages depend on differences in their structure and composition. Table 4.10 shows 
the identities and relative molar abundances of the compounds released upon Py-
GC/MS of the lignins extracted from sugarcane bagasse and eucalyptus wood. As the 
phenolic products of HTL of stillage were mainly produced from the lignin 
compositions of stillages, comparison of the phenolic compounds released from the 
stillage lignins helped to better understand the phenolic monomers distribution after 
HTL. The Py-GC/MS results reveal that bagasse stillage lignin contains much higher 
proportion of p-hydroxyphenyl (H) derivatives, such as phenol, 4-methylphenol, 4-
ethylphenol and 4-vinylphenol than eucalyptus lignin. The H-unit derivatives are 
considered to be the main source of phenol products obtained from HTL of biomass. 
Thus bagasse stillage liquefaction produced large amount of phenols as its lignin 
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consists of 32.7% H unit, while eucalyptus stillage liquefaction barely formed only 
phenols due to the low (1%) proportion of H unit in eucalyptus lignin. Similarly, the 
high proportion of syringol (S) unit (62.3%) in eucalyptus lignin resulted in 
significantly higher abundance of syringol products from eucalyptusus stillage 
liquefaction. 
 
Figure 4.7. GC-MS chromatograms of the oil components obtained from 
HTL of stillage. 
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1H NMR analysis 
 
Figure 4.8. 1H NMR spectra of oil produced from HTL of stillages. 
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The 1H NMR spectra of the oil products of bagasse stillage and eucalyptus 
stillage showed clear well defined peaks for different spectral regions in Figure 4.8, 
which can assist with cross checking of the GC-MS results. It can be seen from the 
figure that all the components structure identified from NMR spectra are consistent 
with GC/MS results. The main identified component structures include methyl group 
of catechol/phenols (2.1-2.2 ppm), ethyl group of catechol/phenols (1.0-1.15 ppm), 
ethers bonds (3.35-3.40 ppm), methoxy group (3.65-3.8 ppm) and aromatic hydrogen 
reference region (6.0-7.5 ppm). The main difference between two samples is the 
peaks at 7.1-7.2 ppm region were absent from eucalyptus stillage oil product, which 
associated with signal of phenol (C2,6).  
4.3.6.2 Chemical analysis of water fraction 
The chemical components of water fraction obtained after diethyl ether 
extraction were analysed by GC/MS and results were shown in Table 4.11. The 
results show that main components in water fraction are the residual products from 
diethyl ether extraction, such as catechols, syringol and 9-Octadecenamide. 
However, other components such as tetrahydrofurfuryl acrylate, 3,3-dimethy heptane, 
1,2,3-benzenetriol were observed in the water fraction.  
Table 4.10. The chemical components in water fraction of HTL of stillages. 
Bagasse stillage Eucalyptus stillage 
RT (min) Compounds name RT(min) Compounds name 
3.40 Tetrahydrofurfuryl acrylate 3.74 3,3-dimethy heptane  
5.42 Catechol 5.04 Erythritol 
6.04 3-methoxy catechol 5.72 Catechol 
7.54 Syringol 6.00 3-methoxy catechol 
8.49 2-methyl Catechol 7.58 Syringol 
9.88 4-hydroxybenzeneethanol 10.67 1,2,3-Benzenetriol 
10.34 1-(2-hydroxy-4-
methoxyphynol) ethanone 
15.25 5-tert-Butylpyrogallol 
14.97 1,2,3-trimethoxy-5-methyl 
benzene 
16.10 3,4-
Bis(Methoxycarbonyl)furan 
27.24 9-Octadecenamide, (Z)- 27.24 9-Octadecenamide, (Z)- 
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In summary, HTL of bagasse produced significantly more phenol and alkly 
phenols than that produced with eucalyptus stillage. However, eucalyptus stillage 
produced higher proportions of syringol, guaiacol and catechols. The main 
differences in the phenolic product distribution between the two stillages are 
associated with differences in structure and composition. Products in the aqueous 
phase included tetrahydrofurfuryl acrylate, 3,3-dimethyl heptane and 1,2,3- 
benzenetriol. 
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Chapter 5: Conclusions 
5.1 KEY FINDINGS AND CONCLUSION 
5.1.1 Lignin structure changes 
In chapter 3, three lignins, L1, L2 and L3, were extracted using 1% (w/w) 
NaOH solution at 80 °C following each stage of typical cellulosic ethanol production 
process, dilute acid pretreatment, enzymatic hydrolysis and fermentation/distillation 
respectively. The main results and key findings obtained in this chapter are 
summarized below. 
(1) Comparing the yields of sugar and lignin before and after lignin extraction 
processes, the results show that the extraction of lignin from the pretreated bagasse 
by dilute NaOH solution not only produced the lignin with the highest purity but also 
resulted in improved glucose yield from 71% to 77%. L2 produced the highest lignin 
yield due to the enzymatic hydrolysis process removing glucan, making the substrate 
more accessible to NaOH extraction. 
(2) Lignin characterisation showed that L1 had higher thermal stability but 
lower molecular weights and nitrogen content than the lignins obtained after 
enzymatic hydrolysis and fermentation/distillation. 
(3) The ATR-FTIR spectra and subtraction results indicated that enzymatic 
hydrolysis and fermentation/distillation resulted in reduction of aliphatic hydroxyl, 
methoxyl and ketone/carbonyl groups probably as a consequence of dehydration. 
(4) 2D HSQC NMR and Py-GC/MS did not reveal differences in the 
proportions of syringyl and p-hydroxyphenyl units among the lignins. There is a 
predominance of the phenylcoumaran substructures and guaiacyl lignin units in L1 
and the absence of some substructures/linkages associated with L2 and L3. 31P NMR 
results show that the content of the aliphatic and guaiacyl OH groups decreased 
continuity after enzymatic hydrolysis and fermentation/distillation, probably due to 
the formation of catechol and condensed phenols between guaiacyl and syringyl 
units. 
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(5) While there were no obvious differences in the proportions of 
monolignols, differences were observed in the proportion of lignin substructures and 
linkages. Lignin recovered prior to enzymatic hydrolysis and 
fermentation/distillation will be better suited for making resins and coatings because 
of higher proportions of functional groups, which provide potential available sites for 
improved chemical reactivity. The pyrolysis data, and to a lesser extent the TGA 
data, showed that the decomposition profile of the lignins are similar, and bio-oils 
that will be derived by pyrolysis of the lignins will have similar composition. What is 
not known is whether the stability of these oils will be similar. 
(6) Ternary mixture of ketone, alcohol and water system has been reported as 
a promising pretreatment technology for the fractionation of lignocellulosic 
components. The findings from the characterization of lignin isolated by a 
MIBK/methanol/water system showed that the solvent destroyed most of the lignin 
substructures and linkages.  The study reinforces the fact that the solvent type greatly 
influences lignin features. 
5.1.2 HTL of stillage 
In chapter 4, the HTL of bagasse and eucalyptus stillage were conducted under 
various experimental conditions to study the influence of pH, alkaline type and 
concentration, different solvents, solid to liquid ratio and stillage type on the yield of 
total oil products and phenolic monomers distribution. The main results and key 
findings obtained in this chapter are summarized below. 
(1) Stillage characterization shows the main compositions of solid stillage are 
cellulose and lignin, and minor amounts of ash and hemicellulose. The liquid stillage 
mainly consists of water and minor amounts of lactic acid, acetic acid, glycerol, 
ethanol, etc. The eucalyptus stillage has higher HHV compared to the bagasse 
stillage, and may be due to the lower ash content in eucalyptus stillage. The FTIR 
and Py-GC/MS results show that bagasse stillage contains much higher proportion of 
H-units than eucalyptus stillage, which inherently influences the phenolic monomer 
products distribution after HTL of stillage. 
(2) The pH value of reaction mixture has a critical effect on stillage 
liquefaction in terms of oil yield and product distribution; higher pH value is much 
more effective for HTL of stillage producing high oil yield and reducing solid 
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residues. However, with the increasing pH of the reaction mixture, various phenols 
and methoxy phenols are formed by hydrolysis of ether-bonds, which can also 
further hydrolyse to catechols under the alkaline conditions.  
(3) Potassium carbonate was found to be the most efficient base catalyst for 
the HTL of bagasse stillage in terms of producing slightly higher yields of total oil 
(37%) and phenolic monomers (18%) compared to the other homogeneous alkali 
catalysts. The increasing alkaline catalyst concentration shows negative impact on oil 
yield (after 60 min reaction at 300 °C), and also led to significant increase in the 
amount of solid residue produced and is likely due to polymerisation and 
condensation reactions. However, the increasing alkaline concentration enhanced the 
formation of catechol by further hydrolysing the methoxy phenols. 
(4) Alcohol-water solvent system was shown to improve the total oil yield 
from HTL of bagasse stillage compared to the water as solvent alone, with up to 55% 
total oil yield achieved in the ethanol-water co-solvent system. However, distinct 
phenolic monomers, such as 2-methylbenzyl alcohol and benzyl alcohol were 
formed, and two other important products, guaiacol and syringol were absent in the 
ethanol-water system. 
(5) It appears that solid/liquid ratio had limited significant impact on total oil 
yields from HTL, but higher solid residue yields were observed with increasing 
solid/liquid ratio and may be due to diffusion effects and restriction of lignin 
hydrolysis reactions or the condensation reactions of bio-oil intermediates. 
Significantly higher phenolic monomer yield (24%) was achieved in bagasse stillage 
liquefaction reaction with the lowest solid/liquid ratio (1:20), indicating that forming 
a well-mixed suspension in the reactor, results in favourable mass and heat transfer 
conditions. 
5.2 FUTURE WORK 
One of the important findings of the present study was high bio-oil yield and 
product selectivity of lignin derived value added chemicals (e.g. catechol, phenol, 
guaiacol and syringol) could be achieved via HTL of cellulosic ethanol stillage in the 
presence of alcohol 
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Pretreatment studies on a range of ternary mixture of a ketone, an alcohol and 
water in the presence of different types of acid concentrations should be conducted.  
This is to identify which system best preserves the lignin substructures and linkages. 
5.2.1 Optimization of oil yield 
(1) In the present study, only one heterogeneous catalyst, palladium on carbon 
was used to enhance the stillage hydrothermal conversion to useful chemicals. 
Further investigation of reaction conditions should be undertaken on stillage 
liquefaction with different transition metal catalysts to maximize the yield of various 
phenolic monomers. For example, nickel or platinum catalysts have been considered 
to be effective catalysts for the biomass conversion to chemicals and bio-fuels. The 
combined use of both homogeneous and heterogeneous catalysts should be explored. 
(2) The phenolic products observed during the HTL experiments are mainly 
from the degradation of lignin component of stillage. To utilize the stillage 
compositions sufficiently, future work should include the investigation of reaction 
conditions to optimize the production of cellulose-derived chemical components. 
(3) The recycling of various proportions of aqueous phase after HTL for 
subsequent stillage conversions should be undertaken to evaluate impact on oil yield 
and product type. 
5.2.2 Mechanistic studies  
(1) The present study highlight the impact of different reaction conditions on 
HTL of stillage, however the reaction mechanism of the stillage decomposition have 
not been investigated. The oil yield and product distribution changes with reaction 
time will help elucidate the reaction pathways.  
(2) As main compositions of cellulosic ethanol stillage are cellulose and 
lignin, further investigations on reaction mechanisms could involve the catalytic 
conversion of pure cellulose (e.g., cotton lint) and different proportions of lignin 
extracted from cellulosic ethanol stillage under similar reaction conditions of stillage 
liquefaction experiments. The results will provide a greater understanding of reaction 
pathways. 
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The first stage of ethanol production is pre-treatment, which was conducted in 
a 150 L horizontal Andritz reactor (Figure A-1). 10 kg dry weight of 
bagasse/eucalyptus trash was mixed with 3 L water containing 2.4 wt% (on solids) of 
H2SO4 and loaded into the reactor. Then hot water was pumped into the reactor to 
provide a liquid to solid ratio of 6:1 and heated to 170 °C via addition of saturated 
steam. The pre-treatment temperature was maintained for 15 min with mixing the 
reaction mixture at 20 rpm.  
 
Figure A-1 150 L horizontal Andritz reactor for the pre-treatment. 
The next step is the pre-treated reaction slurry (containing 10 kg dry biomass) 
was transferred into a 300L custom built stainless steel bioreactor (Figure A-2). The 
pH of the slurry was adjusted to 5.0 by adding 1M NaOH solution and incubated at 
80 °C for 2 h, then cooled to 50 °C for enzymatic hydrolysis. The cellulases loading 
was 20 FPU/g glucan (0.25 mL AccelleraseTM 1500/g dry biomass), and enzymatic 
hydrolysis was conducted at 50 °C for 24 h. Before initiating the fermentation 
process, the yeast pre-culture was prepared by inoculating the 0.1g/L Fali dry yeast 
in 1 L YPD medium and cultivated at 30 °C for 18 h. then the pre-culture was 
transferred to 17 L fermenter containing 9 L molasses medium and propagated at 
30 °C for 18 h. Then the yeast pre-culture was added in bioreactor containing 
enzymatic hydrolysed reaction slurry. Fermentation process was conducted 
anaerobically at 30 °C for 48 h. 
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Figure A-2 300 L custom built stainless steel bioreactor for enzymatic 
hydrolysis and fermentation. 
At the end of fermentation, 15 L fermentation broth was transferred into the 
Turbo 500 still reactor (Figure A-3). The broth was heated by electric heater 
(attached to the still reactor) to distill the ethanol which was collected in a 
condensing apparatus mounted on the still reactor. Following distillation, the stillage 
(remaining solids) in the bottom of the still reactor was collected. 
 
Figure A-3 Turbo 500 still reactor for the ethanol distillation.
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